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Thus if we enquire into the state of all dumb creatures, we shall find those fare best that

are left to nature’s conduct.
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CHAPTER 1

INTRODUCTION

This thesis consists of two main projects, presented in chapters 3 and 4, respectively. The

first project describes bacterial confinement within a thin, but resilient, layer of liquid.

The second project reports on the analysis of a transient state between attachment and

detachment of bacteria from a solid surface while applying an external electric field.

Chapter 2 introduces experimental methods and physical concepts relevant to these

projects. This chapter introduces two main types of bacteria cultivation used in this study:

swimming microbes grown in dispersion medium and swarming colonies cultivated in

semisolid agar gel. Theoretical concepts applied in chapters 3 and 4 are briefly described,

namely, Darcy’s law to describe fluid flow in porous medium, Young-Laplace equation

to describe pressure difference across a concave liquid layer. Additionally, fundamental

concepts in electrokinetics, particularly electrokinetic equations, are introduced.

In chapter 3, in the study of flagellated bacteria trapped within thin films of liquid,

I describe observations on Escherichia coli, Enterobacter sp., Pseudomonas aeruginosa,

and Bacillus subtillis, when they are confined within a thin layer of water around dispersed

micrometer-sized particles sprinkled over a semi-solid agar gel. In this setting, E. coli

and Enterobacteria orbit around the dispersed particles. The liquid layer is shaped like

a shallow tent with its height at the center set by the seeding particle and the meniscus

profile set by the strong surface tension of water. The tent-shaped confinement and the left

handedness of the flagellar filaments result in exclusively clockwise circular trajectories.

The thin fluid layer is resilient due to a balance between evaporation and reinforcement of

fluid that permeated out of the agar. The latter is driven by the Laplace pressure caused by

the concave meniscus. In short, I explain the physical mechanism of a convenient method

to entrap bacteria within localized thin fluid film near a permeable surface.
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In chapter 4, I investigate transient attachment of bacteria to a solid boundary. Bacte-

rial attachment to surfaces is ubiquitous in nature and is the initial step to the formation of

biofilms. Weak and reversible attachments constitute an early stage to permanent adhesion

or a transient event on bacterial environmental exploration. Given that bacterial attachment

has the potential to spoil surfaces or cause infection, different methods have been applied

to find ways to remove bacteria from the surface they adhere to. Hence, I report an ex-

periment for Caulobacter crescentus weakly attached to a plastic surface and subjected to

an electric field parallel to the surface. I observe that some individuals transiently, but re-

peatedly attach to the surface. While electrophoretically driven by the field, these bacteria

move significantly slower than the unattached ones and their speeds exhibit large varia-

tions, frequently dropping close to zero for short intervals of time. This study sheds light

on the process of bacterial interaction with surfaces and suggests applying electric field as

a useful method to investigate bacteria-surface interaction.

Chapter 5 states concluding remarks and offers perspectives based on the projects dis-

cussed in chapters 3 and 4. Some additional information is contained in the appendices,

which include supplementary information for chapters 3 and 4 and also brief descriptions

of side results that came out of the study of applying electric fields to bacterial cells. As

a separate piece of theoretical work, one appendix provides a framework to numerically

solve from scratch the Poisson-Boltzmann and the Conserved-Charge-Poisson-Boltzmann

equations for a cylindrical channel.
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CHAPTER 2

BACKGROUND

2.1 Bacteria dynamics and cultivation

This study deals with experiments of bacteria moving in shallow liquid tents and close to

solid boundaries. In order to better explain the work, this section describes the essence of

bacteria dynamics and the environmental conditions under which the microbes are grown.

2.1.1 Bacterial dynamics

From fluid physics perspective, the world for the tiny microorganisms we call bacteria looks

rather different when compared to our own human experiences. In physical terms, it is said

that these microbes live in the low Reynolds number regime. The meaning of this statement

is that viscous forces dominate over inertial forces for bacteria, when considering water as

their usual habitat. Reynolds number is a dimensionless quantity defined as R = vRρ/η,

dependant on the speed of the moving body v, a characteristic size scale R, the density ρ,

and the viscosity of the medium η. For bacteria swimming in water, this quantity is on the

order of 10−4.

A consequence of living under these conditions is that in order to propel itself, a bac-

terium needs to continuously maintain its swimming activity. If the bacterium temporarily

stops swimming, it would nearly immediately come to rest, in case diffusion could be ig-

nored.

The swimming strategy at low Reynolds number has its peculiarities. It needs to be

periodic, given the requirements to be continuous. The motion cannot be symmetrical,

however, as that would lead to no net displacement. This was observed by E. M. Purcell

in his groundbreaking paper ”Life at low Reynolds number” [1]. Contrary to the case of a
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human being swimming, whose principle of motion is based on the time difference between

movements of strokes and recoveries, an intrinsic inertial mechanism, a bacterium would

”lose” all its driving motion during the recovery step, i.e. it would advance during the

strokes, but it would then return to its original position during the recovery.

Throughout their biological evolution, certain species of bacteria developed structures

that enable them to perform non-symmetrical swimming patterns. Among these struc-

tures, a remarkable example, which is present in many species (including those used in this

study) is the bacterial flagellum. Flagellum is typically a long filament (it can be several

times longer than the size of cell body, which is under a few micrometers) attached to the

cell surface. This filament is connected to a rotor, responsible for the driving motion. Some

bacterial species, such as Caulobacter crescentus and Pseudomonas aeruginosa, have only

one flagellum, which constrain their motility in the sense of limiting their ability to change

swimming directions [2]. These species rely on the flexible hook at the base of their flag-

ellum, allowing its bending to result in a flick [3], which changes the cell’s direction of

motion.

Other species, such as Escherichia coli or Bacillus subtilis have several flagella. E. coli

in particular perform their well known [4] run and tumble motion cycles. Their flagella

bundle together, spinning in the same direction during a run. They desynchronize during a

tumble, which leads to a random change in their directions of motion.

Swimming propelled by flagellum comes from the thrust generated by the rotation of

the filament. The reasons for swimming driven by motor propulsion have been widely

discussed [5],[6],[4]. In summary, it is based on the fact that the drag experienced by

a filament is larger when it moves sideways compared to when it moves parallel to the

direction of the cell motion.
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2.1.2 Bacterial culture

Bacteria are ubiquitous in all sort of environments on Earth. Some species adapted to live

in extreme high temperatures, such as near underwater volcano vents [7] or in the extreme

cold of Antarctica [8]. Their morphologies are adapted to their habitats. Given the relative

short life cycles of bacteria (typically tens of minutes or a few hours [9]), it is possible to

notice the differences in cell shapes when analyzing bacteria from the same original stock

under different physical conditions. For instance, in this study, bacteria were grown under

two sets of environments: in liquid suspension and on semisolid agar gels. When grown

in liquid, bacteria have plenty of access to water and the diluted nutrients, whereas on agar

gels, the water availability is limited and bacteria motion is severely constrained.

Figure 2.1: Pictures of Enterobacteria in (a) diluted suspension, represented by the white

dots and in (b) dense swarming colony on agar gel

When in liquid medium, the predominant mode of bacterial motion is through swim-

ming, as discussed in the previous section. This is the primary type of mobility at the level

of individual cells. Cells also tend to be smaller in size when compared to cells grown in

swarming colonies. Swarming colonies are, in our context, where cells collectively move

on agar gels, facilitated by bacterial flagella. In this scenario the microorganisms pre-

dominantly move in packs called swarms as seen in Figure 2.1 (b). The expansion of the

5



bacterial colony comes from a combination of the group motion and the reproduction of

the cells. When in swarms, the cells on the edge tend to be longer than those in the colony

center, which may be attributed to suppression of cell division near the edge under these

conditions [10].

On semisolid agar, bacteria need to extract water from the gel matrix. The flow of fluid

in this setup has been thought [11] to be described in terms of Darcyś law. Bacteria secrete

osmolytes which leads to an osmotic pressure that drives water from the bulk to the top of

the gel, where the microbes predominantly populate.

2.2 Fluid flow in porous media and pressure gradient in a liquid meniscus

Some theoretical concepts are important for the understanding of the research described

in the following chapters. Having that in mind, the next subsections will focus on review-

ing ideas that will play key roles in the study of bacteria moving in shallow liquid tents.

This introduction does not intend to be an extensive review, but a reminder of knowledge

available in the scientific literature.

2.2.1 Darcy’s law

The general approach to study fluid flow through a porous medium was empirically estab-

lished by Henry Darcy in 1856 while investigating the hydraulic system in Dijon, France

[12]. Darcy noticed a linear relationship between the flux through the medium (measured

in units of volume/time) and the pressure drop along its extremities: Q = κA∆P/ηL. A

is the cross section area of the pipe where the fluid flows, η is the fluid viscosity and L

the characteristic length. Notice that Q/A has units of speed and can be understood as

the fluid speed along its direction of flow. κ is a constant of proportionality known as the

permeability of the medium. Darcy’s law is applicable for laminar flow and is considered a

coarse grained technique as it does not take into account details such as the channel struc-

ture and the fluid complexity [13]. One consequence of these limitations, for example, is
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that Darcy’s law fails to capture non-linearities such as in large deformations of porous

media [14],[13]. This issue is overcome by applying more advanced concepts in the theory

of elasticity to model the system of interest. For the purposes of this current study, Darcy’s

law is only used for estimating orders of magnitude of fluid and the porosity of an agar

gel medium. Hence, we will stick to its classical definition. Figure 2.2 illustrates some

parameters involved in the law definition.

Figure 2.2: Representation of fluid flow through a porous medium with the pressure differ-
ence pumping the liquid through a pipe with cross-sectional area A and length L, as defined
in Darcy’s law, where Q is the flux.

2.2.2 Young-Laplace equation

Molecules in the liquid state attract each other through van der Waals forces or hydrogen

bonds (for polar substances) forming a condensed structure strong enough to keep cohesion

in spite of thermal agitation. This attraction happens in all directions for molecules in the

bulk. However, when on the top surface of the liquid, molecules will only sense half of this

effect, given that inter-molecular interactions will be restricted to other molecules on the

surface and to those below the surface. This peculiar phenomenon gives rise to the surface

tension of liquids. In water, for instance, the surface tension has the strength to allow some

insects and spiders to walk on its top surface [15]. The surface tension can also be defined

as the free energy per unit surface [16] and the shape that the liquid adopts at its surface

leads to minimization of this free energy.

When there is a pressure difference in the interface of a liquid medium, the surface
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curves in order to minimize its free energy (Figure 2.3). This situation is observed, for ex-

ample, in the meniscus of liquid formed around a solid boundary. In 1804, Young and one

year later independently, Laplace established the mathematical relation between the curva-

ture of the liquid meniscus, its surface tension and the pressure difference. The relation,

known as the Young-Laplace equation is defined as: ∆P/η = κ, where again η represents

surface tension and κ is the total curvature, which can be derived from the curvatures along

the principal axes (κ = 1/Rx + 1/Ry).

Figure 2.3: Illustration of the capillary effect. Water level rises near a solid wall. The
internal pressure within the liquid film is lower than the external atmospheric pressure.

2.3 Electrokinetic concepts

Given the fact that bacteria have a surface charge when in aqueous environment, electric

fields have been used for identification, separation and characterization of these microbes

[17]. The study of the motion of charged particles driven by electric fields constitute what

is known as eletrokinetics. Understanding the fundamental concepts of electrokinetics is

an important step towards appreciating the ideas developed later in chapter 4, where we

apply an electric field to assess bacterial interaction with surfaces.

2.3.1 Electrophoresis

Electrophoresis is the phenomenon of driven motion of colloidal or polyelectrolyte particles

immersed in a liquid due to the application of an external electric field. At the low Reynolds
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number regime with weak field intensities, there is a linear relationship between the particle

speed and the strength of the electric field. The constant of proportionality in this relation

is defined as electrophoretic mobility. In mathematical terms: E = µv, where E is the

strength of the electric field, µ the electrophoretic mobility and v is the speed acquired

by the driven particle. The electrophoretic mobility is a property of the moving particle,

dependant on the medium where it is placed. Among different ways to apply a field to drive

charged particles, here we focus on Capillary Electrophoresis, meaning that the electric

field is applied along the long axis of a capillary channel.

2.3.2 Electroosmosis

Electroosmosis is the motion of liquid with respect to a reference at rest, such as the walls

of the container holding the liquid, due to the an applied electric field. The explanation for

this event comes from the fact that container walls are commonly charged when in contact

with liquid (for example, silica SiO2, which makes up the most common type of glass,

exposes numerous SiO- ions on its surface). These charged surfaces attract counterions

present in the liquid (such as H+ in the case of water). Once the electric field is applied,

these counterions will move accordingly (towards the negative pole for positive counterions

or to the positive pole for negative counterions). The motion of the counterions will drag

along liquid in their surroundings. Hence, electroosmosis plays a key role on defining the

fluid flow pattern. For a constant field, electroosmosis establishes a flat flow profile, distinct

from the parabolic profile seen in laminar flows driven only by a pressure difference among

the capillary axis.

2.3.3 Electric double layer and Zeta potential

As briefly discussed in the previous subsection, the general framework to describe elec-

trokinetic effects comes from the definition of a electric double-layer. The counterions that

are attracted to a charged surface can be decomposed in two types: those in the immediate
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vicinity of the surface are more strongly attracted and have limited mobility; they form the

inner electric layer, also known as the Stern layer. In addition, there are counterions which

are also attracted to the surface, but less strongly due to the shielding caused by the Stern

layer. This second group form a diffusive, more mobile, layer that is largely responsible

for the electroosmotic flow. The thickness of the electric double layer, a property of the

particle charge and its medium, is known as the Debye length: λD =
√

kBT
2NAe2I

. In this

expression, ε is the electric permitivity of the medium, kB is the Boltzmann constant, T the

absolute temperature in the unit of Kelvin, NA is Avogadro number, e is the fundamental

charge (of an electron, but omitting the negative sign) and I is the ionic strength of the

electrolyte. The electrical potential difference between the surface of a charged particle

and the end of the electric double layer is known as zeta potential. Notice that this idea of

an electrical double layer applies to all charged surfaces in a medium containing an ionic

solution. So, for charged colloids (or bacteria) in a glass container, there are electric double

layers shielding both the surface of the container and the surface of the colloids. Figure 2.4

shows a schematic representation of an electric double layer.

2.4 Electrokinetic equations

The theoretical framework to deal with dynamic electrokinetic problems is to apply a sys-

tem of coupled equations, namely: Nernst-Planck, Poisson and Navier-Stokes, with the

fluid incompressibility condition. Wan et. al. [18] proposed the addition of a trap potential

near the surface boundary to give rise to the charged layer of ions leading to electroosmotic

effects. A framework to numerically solve the time independent electrostatic condition is

described in Appendix D.

Nernst-Planck equation describes the charge dynamic of the system for charged species

ci, where u is the fluid velocity:

∂ci
∂t

+ u.(∇ci) +∇.Jc = 0 (2.1)
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Figure 2.4: Schematic representation of an electrical double layer. Credit to: https :
//www.sciencedirect.com/topics/chemistry/electric− double− layer

Jc is the current density for charged species ci and it is defined as:

Jc = −D(∇c− e

kBT
ci∇(ψ + f + g)) (2.2)

In the equation above, D is the diffusion constant, e is the charge of one electron, kB

is the Boltzmann constant, T is the absolute temperature, ψ is the electrostatic potential

originated from the ionic distribution, f is the surface trap potential and g is an external

potential applied to the system, which in practice is provided by a power supply.

Wan et. al. [18] defined mathematically the trap potential for a cylindrical channel, in
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cylindrical coordinates, with channel radius a as:

f(r) =
γ

2
(1 + cos(

π(r − a)

∆
), a−∆ ≤ r ≤ a (2.3)

f(r) = 0, 0 ≤ r ≤ a−∆ (2.4)

In the definition above, γ represents the ”height” of the trap, i.e. the strength of ionic

bonding to the surface and ∆ is the trap ”width”, i.e. the distance from the surface where

the trap potential is effective.

The electrostatic potential from the ionic distribution is expressed in terms of the Pois-

son equation, where p and n represent the charged distribution of the positive and negative

ions and ε is the electric permitivity of the medium:

∇2ψ = −e(p− n)

ε
(2.5)

The fluid flow is governed by the Navier-Stokes equation, with the incompressibility

conditions, where P is an external pressure, ρ is the fluid density and η is the fluid viscosity:

(
∂u
∂t

+ u.∇u) = −∇P +∇2u− e(p− n)∇(ψ + f + g) (2.6)

The incompressibility condition is given by:

∇.u = 0 (2.7)

When there is no time dependence for the ionic distribution, meaning that the fluid is

at rest, the model from a classical perspective simplifies to that of the Poisson-Boltzmann

equation (PB). A modified version of this equation that takes into account charge conserva-

tion within the computational domain, the Conserved Charge Poisson-Boltzmann (CCPB)

is solved numerically in appendix D, including the trap potential.
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CHAPTER 3

ORBITING OF FLAGELLATED BACTERIA WITHIN A THIN FLUID FILM

AROUND MICROMETER-SIZED PARTICLES

3.1 Introduction

Hydrodynamics and confinement dominate bacterial mobility near solid or air-water bound-

aries, causing flagellated bacteria to move in circular trajectories. A flagellated bacterium

propels itself by rotating its flagella relative to its body, which counter-rotates [5]. Freely

swimming bacterial cells tend to accumulate close to solid surfaces [19, 20, 21], with their

residence times within a few micrometers (up to 1-3 µm) from the boundary lasting several

seconds [22]. The coupling of body rotation and the enhancement in the drag force exerted

on the part of the cell closer to the solid surface causes the bacterium to move in circular

trajectories [23, 24]. The handedness of the flagella determines whether the circular trajec-

tory is clockwise or counterclockwise. E. coli, for example, moves forward in clockwise

paths when looked from above [25], propelled by its flagellar filaments with left-handed

helical structure; for the same reason, it swims on the right-hand side when prevented to

turn by a solid wall on its side [26].

Numerous experimental techniques, including microfluidic devices [27, 28], droplets

[29, 30, 31, 32], or vortices [33], have been developed to confine and maneuver motile

bacteria. The mode of bacterial motility can also be shaped by confinement. For example,

whereas flagellated bacteria swim in liquid, they may move collectively on a solid surface

in the form of swarming motility [34, 35, 36, 11]. The swarming motility triggers a variety

of adhesive mechanisms, including those preceding to the growth of biofilms [37, 38, 39].

Therefore, the study of bacterial near surface motility has broad implications such as in

biofouling [40] and infection [41].
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This report describes swimming motility of flagellated bacteria in shallow tents of liquid

films seeded by graphite particles or glass beads a few microns in diameter. Around these

particles sprinkled over the agar surface, one or more bacteria move in persistent circular

trajectories for over several minutes. We account for the observed phenomenon with a

physics-based model, encompassing hydrodynamic analysis, surface tension, evaporation,

and porous flow. We also discuss broad implications of the mechanism elucidated by this

study.

3.2 Materials and Methods

3.2.1 Bacterial strains

Six strains of bacteria were used. Strain HCB33 (wild type E. coli) was acquired from

Howard Berg (Harvard University). P. Aeruginosa PAO1 was provided by Keiko Tarquinio

(Emory University Medical School). B. subtillis 3610 was obtained from Daniel B. Kearns

(Indiana University). The remaining three strains were isolated at the Albert Einstein Col-

lege of Medicine (NYC). Specifically, H5 is a swarming strain of E. coli from human feces

(Committee on Clinical Investigation CCI# 2009-446-006; IRB# 2015-4465); SM1 and

SM3 are novel strains of swarming Enterobacter sp. isolated from mouse feces (presently

undergoing species characterization).

3.2.2 Sample preparation

Bacteria (with the exception of P. aeruginosa) were grown in suspensions of Lysogeny

Broth (LB) medium overnight (≈ 16 hours) and then a 5 µL droplet was taken to inoc-

ulate the center of a petri dish containing LB agar gel (LB + 0.5% agar). Triton-X100

(Sigma-Aldrich) was added (0.1% in volume) to the LB agar as external surfactant for E.

coli inoculation in order to accelerate its colony spread. In particular, it was observed for

the H5 strain that with the addition of triton, the colony spreads in similar rate to what is

seen in typical species of swarming bacteria: it populates the whole petri dish (≈ 10 cm in
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diameter) within a few hours. For the HCB33, the effect of triton addition was not as dra-

matic and the colony grew only slightly faster compared to when no external surfactant is

added to the growth medium. P. aeruginosa was grown overnight in suspension of Tryptic

Soy Broth (TSB) and then a 5 µL droplet from the culture was inoculated on a petri dish

containing TSB agar gel (TSB + 0.5% agar).

The samples were placed into an incubator with controlled temperature of 37oC and

50% relative humidity for 3 to 5 hours, depending on the growth rate. In the next step, a

droplet containing micrometer-sized particles (graphite or silica beads) was placed at a lo-

cation close to the swarm front so that the region where the droplet spread overlapped with

the colony, as illustrated in Figure 3.1 a. Graphite particles were obtained by scrapping a

pencil with a razor blade and dispersed in deionized water (DI water). Silica beads (4.5 µm

in diameter, Bangs Laboratories, Inc) were also diluted in DI water. After the addition of

the water droplet, the petri dish was gently tilted in different directions to guide the droplet

to spread away from the bacterial colony. This motion created thin water layers that evapo-

rated within a minute or two on the agar surface. Most bacteria then got stuck on the dried

surface, leaving a small number of swimming bacteria trapped in shallow films of water

around the dispersed particles.

3.2.3 Imaging, measurements and graphic illustrations

Particles and bacteria on the agar surface were imaged under an upright microscope (Nikon

Eclipse E800) with a 40x objective lens, coupled to a CCD camera (Photometrics Coolsnap

EZ). The imaging was controlled by the software Metamorph (Molecular Devices) through

which the movies were recorded. The recording rate was in the range between 10.72 frames

per second (fps) and 33.88 fps, with lower frame rates chosen for larger imaging areas, as

needed.

Radius of meniscus was determined by identifying five nearest immobilized bacteria

around a particle and averaging their distances from the center of the particle. In rare
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cases the average was obtained from only 3 or 4 distances, as the number of immobilized

bacteria in the surroundings was lower than five. Thus, our estimate was limited by the

optical microscopy images acquired. A full meniscus profile, as the one obtained with x-

ray microscopy in [42] could expand beyond the region defined in this study. Bacterial

trajectories and their swimming speeds were calculated using ImageJ from their captured

positions in video clips. The numerical calculation applying Resistive Force Theory was

implemented in a Python code.

Confocal microscopy was done using an Olympus FV3000 laser scanning microscope

with excitation wavelengths of 488 nm and 561 nm. The procedure follows a previous

publication [43], but modified due to the peculiarities of our system. In order to label the

agar gel, 0.1 mg/mL solution of Nile Red in methanol was mixed in a proportion of 1:100

volume/volume into LB agar in hot liquid state. Then, 20 µL of the mixture was deposited

on a FluoroDish (World Precision Instruments), forming a very thin layer of gel (on the

order of 100 µm). Such a thin gel was required for confocal imaging using the inverted

microscope, so that the gel surface was within the focal depth of a 60x objective lens. In

this setting, the transmission lights travel through the gel to enter the objective without

being refracted by the large beads sitting on the gel surface. Due to evaporation of fluid in

the thin gel, however, there is a limited time window for sample preparation and confocal

imaging. Right after the gel was pulled, a mixture of 4.5 µm silica beads and 0.5 µm

fluorescent Dragon Green beads (Bangs Laboratories Inc.) at a ratio of 1:2000 was added

on top of the gel. The smaller beads serve as an additional label for tracing the gel surface.

The Dragon green dye was excited by both blue and green lights, but more strongly by blue

to emit green light. Nile red was mainly excited by green light, emitting red light. Image

analysis and processing were done using ImageJ. Adobe Illustrator was used to vectorize

images of orthogonal slices of the data and obtain middle lines through a high intensity

band on these images, locating the gel surface.

In order to convey physical pictures of bacteria and liquid films, which are invisible
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under optical microscopy, several figures include illustrations generated using Rhinoceros,

a CAD software widely used by architects and designers. Indications are made in respective

figure captions where secondary features may have been omitted in those illustrations for

the sake of simplicity.

3.2.4 Hydrodynamic model

E. Lauga et al. proposed a model based on Resistive Force Theory to represent bacteria

moving close to solid boundaries [44]. It models a bacterium as formed by a sphere con-

nected to a helical rod, to represent the cell body and flagella bundle, respectively. The

free swimming organism is subjected to zero net force and torque, and is propelled by the

rotating flagellar bundle. Body and flagella are characterized by their respective mobility

matrices, which appear in the linear system of equations, equation 3.1, given the velocities

and rotation rates of the cell body in equations 3.2 and 3.3, respectively.

(A+B)X = BY (3.1)

where,

X = (Ux, Uy, Uz,Ωx,Ωy,Ωz)T (3.2)

Y = (0, 0, 0, 0, ω, 0)T (3.3)

Matrix A is the mobility matrix of the cell body. B is the mobility matrix of the flagella.

Ui gives the i-th component of the velocity and Ωi the i-th component of the rotation rate

of the cell body. The rotation rate of the flagella is given by ω. The cell is set to initially

align with the y axis, without loss of generality. Reference [44] gives the details on how to

build the mobility matrices.

The velocities and rotation rates in this model are dependent on the gap distances
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between the surface and the material parts of the model bacterium. The speed U of

the bacterium in circular motion is given by the components along the bottom surface:

U = (Ux2 + Uy2)1/2 and the radius of curvature R of the cell trajectory is also obtained

from the solution of the linear system: R = U/|Ωz|.

3.3 Results and discussion

3.3.1 Circular motion around particles on agar surface

Our experiment starts by adding a tiny droplet of water (2-5 µL) next to a swarming colony,

which causes some swarming bacteria to break away into swimming (see Sample prepa-

ration; illustrated in Figure 3.1a). This procedure allows us to select actively motile cells,

usually seen at the swarm fronts. In a previous study on E. coli [26], the authors also fo-

cused on the edge of the swarming colony to select cells transitioning from swarming to

swimming motion. We note in our experiment that a number of bacteria leave their pack at

the swarm front and disperse over the agar surface (Figure 3.1b). As the droplet of water

evaporates, most bacteria get stuck to the surface (in ≈ 1 minute) and cease the swimming

motion. However, graphite particles or silica beads settled on the agar surface entrap a layer

of water in their surrounding regions, allowing a few bacteria to swim around them, exclu-

sively in clockwise trajectories (Figures 3.1c and 3.1d). Such an orbiting motion lasts over

10 min during observation, much longer than expected for a water film a few micrometers

in thickness to disappear due to evaporation, as assessed later in the section.

We observed common orbiting motion among a wild type strain of E. coli (HCB33) and

three recently isolated strains of bacteria, including two novel enterobacter isolates, SM1

and SM3, and one E. coli isolate, H5 (details in Materials and Methods). For the two E. coli

strains, we used 0.5% agar containing added surfactant Triton X-100 (Sigma-Aldrich) of

0.1% vol/vol in order to facilitate the colony spread, making it easier to select active cells

from the colony border. It should be stressed, however, that shallow tents of fluid around the

micron-sized particles were observed in both cases with or without surfactant added into
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the agar. Enterobacter sp. readily swarms on the agar gel without additional surfactant,

which was the condition for the majority of our experiments. We also experimented with

Pseudomonas aeruginosa (PAO1) and Bacillus subtilis (3610). In these two cases, we

also noticed long-lasting water layers around the micrometer-sized particles where bacteria

were motile. For P. aeruginosa, we observed orbiting around the micro-sized particles, but

the motion was less organized. The motile cells near the particles tended to go off track

from their orbits within a few seconds, possibly due to this species of bacteria frequently

reversing flagella motor rotation direction, with a characteristic transit time of 0.56 s [2].

B. subtilis, which are longer cells (4-10 µm in length) remained motile within the water

meniscus, but they did not orbit persistently. Instead, their maneuver appeared severely

constrained by the small regions of the shallow film. These results suggest a common mode

of motion of bacteria entrapped around microsized particles on moist surface, although the

exact trajectories and maneuverability are species dependent. From here on, we focus the

remaining report on Enterobacter sp. and E. coli, which reliably form circular trajectories.

3.3.2 Effects of particle size on the radii of meniscus region and bacterial orbits

Small graphite particles (< 2.5 µm in size) are usually not surrounded by swimming cells,

possibly because they could not retain the water reservoir large enough to entrap bacteria.

Large graphite particles (> 12 µm in size) retain liquid in a region over 40 µm in radius

and thus keep many bacteria swimming in their proximity. Intermediate graphite particles

were frequently seen to be surrounded by a few active swimmers and were the ones around

which the orbiting of bacteria was most often observed and measured (Figure 3.1 d). In

cases where the number of swimmers around a dispersed particle is big (over a dozen, as is

commonly seen around large graphite particles or particles immersed in a dense bacterial

population), the cells frequently bump into each other, making it difficult to discern indi-

vidual trajectories. We chose silica beads of uniform size (4.5 µm in diameter) to perform

the same experiment and observed equivalent results between the beads (Figure 3.2a) and
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the graphite particles of comparable size, suggesting that the key parameter is the particle

size, not its exact shape, nor its chemical nature. The common role of the graphite particles

and silica beads is to sustain a tent-shaped water reservoir around them. We also observed

for E. coli that they do not tumble as frequently when compared to bacteria grown in bulk

liquid, a result reported previously for similar swarming colonies [45].

Around the particles where bacteria were observed to orbit, the radii of meniscus and

bacterial trajectories both correlate to the particle size (Figure 3.2 c,b). The general trend

is that bigger particles create taller water tents and of larger radius of meniscus, and the

motile bacteria in the tent tend to move in larger orbitals before they are constrained by the

meniscus boundary. Accordingly, we see a clear correlation between trajectory radius and

meniscus radius, with the latter setting the upper limit, as shown in Figure 3.2b. For the

silica beads, which are uniform in size, the meniscus and trajectory radii vary within narrow

ranges. Graphite particles, which were more variable in size and had irregular shapes, gave

rise to larger variation in meniscus and trajectory radii (Figures 3.2 b-d).

3.3.3 Causes for the circular trajectories and hydrodynamic analysis

The orbiting bacteria were observed to be in the same focal plane as the bacterial cells stuck

in the nearby dry regions, suggesting the solid confinement imposed by the agar surface

to be a key factor for the circular trajectories. Numerous previous studies have shown that

bacteria swim in circular trajectories near a solid surface[23, 24, 44]. Such a hydrodynamic

effect is expected to be strong in this experiment due to close proximity of the cells to the

agar surface. Here, however, the trajectories are also subjected to additional constraints

imposed by the tent-shaped film, especially the meniscus radius as its boundary cutoff.

These constraints appear strong enough to keep the entrapped bacteria swim persistently

in circular trajectories. In contrast, the boundary effects due to graphite particles on the

bacterial trajectories may be neglected with exceptions of close encounters. In some cases

bacteria were seen to swim within a body length from the center particle or occasionally
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to even collide with it, but most often orbiting bacteria swam over 8 µm away from the

particle, a distance by which the hydrodynamic effect of the graphite boundary becomes

negligible [22]. These observations reinforce the argument that the circular trajectories are

caused by the proximity of the bacteria to the agar surface and the meniscus boundary, but

not the particle surface.

Measurements on all four strains show a common trend between the speeds of the

orbiting bacteria and the radii of curvature of their trajectories. Bacteria swam slower in

trajectories of smaller radii, but beyond a certain threshold (≈ 7 µm) the speed approached

an upper limit, between 30-50 µm/s, depending on the bacterial strain (Figure 3.3 a). These

results suggest that graphite particles or beads affect the swimming speed by restricting

the bacteria to their close proximity via the tent-shaped liquid film around them. Within

smaller trajectories, bacteria cells are more restricted when compared to those that interact

only with agar surfaces. Under such conditions the meniscus may push the cells closer to

the agar surface, making them experience more drag and hence slowing them down.

We compare the experimental speed profile with predictions based on a hydrodynamic

model by Lauga and co-workers [44]. Details on its implementation are described under

the ”Hydrodynamic model” section. Although it is possible to shift the theoretical line in

Figure 3.3a by adjusting the parameters for the dimensions of the model bacterium and

the flagellar motor rotation speed, the key feature remains the same: the speed initially

increases with the radius of curvature, but quickly attains an upper value. Bacteria swim-

ming at the lower end values of the radius of curvature moved closer to the seeding particle,

hence they experienced more drag. This drag effect due to the seeding particle is not con-

sidered in the hydrodynamic model, which may explain why the data at radii of curvature

below 7 µm fall significantly below the model prediction. The theory curve ends at radius

of curvature ≈ 4 µm, which corresponds to a 5 nm minimal gap set in the model calcula-

tion between the cell body and the bottom surface (See Figure B.1). One might argue that

the hydrodynamic model is no longer valid down to such a small gap. Nevertheless, the
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consistent trend of the data with the theoretical prediction (Figure 3.3b) support the notion

that whereas hydrodynamic boundary effect of the bottom surface can account for the cir-

cular motion observed in the orbiting bacteria, the actual trajectory radius and swimming

speed are also affected by other constraints, such as those imposed by the particle surface,

air-water interface, and meniscus boundary.

A more rigorous hydrodynamic model should include the air-water interface above the

thin film. The boundary condition on the top surface may be modelled as free flow in-

stead of non-slip. In fact, the free flow condition on the upper boundary would result in

circular swimming trajectory of the same handedness as that caused by the solid bound-

ary at the bottom. However, the boundary effect of the air-water interface could also be

complicated by increased surface viscosity [46][47][48], for instance, due to adsorption of

nutrient molecules initially contained in the agar. In light of this uncertainty, and our mi-

croscopy observation confirming that the bacteria tend to move much closer to the bottom

surface, our hydrodynamic model has ignored the air-liquid interface, which is expected to

contribute a smaller effect. As a side note, one useful outcome of this model is it confirms,

based on the observation that Enterobacter sp. move in the same clockwise direction as E.

coli, that both species of bacteria have flagella of left-handed helical structure.

3.3.4 Endurance of the water layer around the seeding particles

One key finding of our study is that graphite or bead particles on the agar surface retain

a layer of water around them much longer than expected on a non-permeable surface.

The evaporation of a water layer from a borosilicate glass surface containing microspheres

(polystyrene beads of 6 µm diameter) on top has been investigated experimentally using

x-ray transmission microscopy [42] . The full process lasts about 12 seconds, with 96%

of the time on a pinning stage when the water film surrounding the bead thins gradually,

and the last 4% on depinning of the water meniscus around the microsphere in the form of

a sudden collapse. In our case, however, the fact that the bottom surface is made by agar
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gel (> 97.5% water) allows for water to constantly permeate the upper surface. Thus, the

meniscus lasts much longer. This observation is explained as a balance between evapora-

tion and additional water pumped from the agar gel to the layer, as illustrated in Figure 3.4.

Given the tiny thickness (a few µm) of the water layer, its internal pressure P is roughly

constant everywhere. The internal pressure within the water layer (P ) is lower than the

atmospheric pressure Po [16]. The difference between these two pressures is given by the

Young-Laplace equation, Po − P = σ/R, where σ is the water surface tension and 1/R is

the meniscus curvature (only significant in the radial direction). Near the top of the agar

gel, the pressure is also close to the atmospheric pressure. Hence, a pressure gradient is

established between the permeable agar gel and the water layer, giving rise to water being

pumped, as expected from Darcy’s law [49]. Consequently, even though water is constantly

evaporating from the thin layer, it is being replenished by that permeated from the agar gel.

To quantify the rate of evaporation, we exposed an open agar plate of 10 cm diameter to

ambient temperature (22 degrees Celsius) and humidity (40%) and measured ≈ 0.5 gram

weight loss per hour. This translates to≈ 0.02 µm/s for the rate of water layer thinning. The

agar gel of several millimeter thickness can sustain this rate of evaporation for hours when

uncovered, or days when properly covered. But the same rate of evaporation poses a serious

challenge for microscopic imaging, especially for confocal imaging on much thinner gels

even in covered plate.

Additionally, we estimated the order of magnitude of the radius of curvature of the

meniscus at the air-water interface that could sustain a balance between evaporation and

water pumping from the gel. The radius of curvature can be calculated by applying Darcy’s

law, taking the pressure difference as the ratio of water surface tension to the radius of

curvature. We use the meniscus radius as the characteristic length, since the dimensions

of the agar gel are much larger, in the Darcy’s formula: ∆P = ηLvz/κ, where ∆P indi-

cates pressure difference, η is the water viscosity, L is a characteristic length and vz is the

pumping rate along the pressure drop, in our case approximated by the evaporation rate.
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The permeability coefficient is represented by κ. Not knowing the permeability coefficient

of our agar gel, we take for order of magnitude estimate the reported permeability coeffi-

cient for 2% agarose gel, which is 616 nm2 [50]. The radius of curvature thus estimated is

around 83 mm, much larger than the diameter of the tentlike fluid film. This result indicates

that even the slightest curvature in the top fluid surface suffices to provide enough pressure

difference in order to maintain the fluid flow required to stably sustain the fluid film.

3.3.5 Confocal imaging of the gel surface deformed by seeding particles

We performed confocal microscopy to evaluate the deformation on the agar gel caused

by 4.5 µm silica beads. Although it is technically impractical to do the measurements in

the same setup as for the bacteria swarms, due to the requirement of the gel thickness not

much larger than 100 µm for optimal image acquisition. A consequence of this limitation

is that the water meniscus as shown in Figure 3.4 lasts under a minute, preventing us from

capturing the profile of the thin fluid film even when it was filled with tiny fluorescent beads.

Instead, the confocal images were acquired at the moments when the gel had become much

drier than that of thicker gels on which the other microscopy experiments were performed.

In essence, the images shown in Figure 3.5 only help visualizing the extent of deformation

under the silica beads after the liquid film surrounding the large beads has dried.

Image blurriness poses additional limitations to our analysis. This is a well known

problem for z-resolution of confocal slices, which is partially alleviated by deconvolution.

Nevertheless, the trend line going through the middle of the red fluorescent band (Figure

3.5 c), highlighting Nile red labeled gel surface, indicates notable deformation below the

position of a large bead. The absence of signal in the green light channel confirms the

absence of the smaller Dragon green beads, as the area was covered by only the large bead.

The valley of about 1.3 µm in depth for the line along the red channel gives a rough estimate

for the gel deformation due to the 4.5 µm bead. The upward edges around the void of the

green channel output indicate that numerous small Dragon green beads packed around this
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region, capturing the history of the meniscus profile, as illustrated in Figure 3.4.

3.3.6 Comparison and contrast with a similar recent study

Wakita et al. [51] investigated bacterial motion in a shallow circular pool formed by com-

pression and removal of glass beads 50 µm in diameter close to the edge of a swarming

colony of B. subtilis. They identified several types of motion for the bacteria within the

circular pools, leaving as an open question the physical mechanism responsible for the re-

silience of these pools of liquid, which also reportedly lasted for over 10 minutes. We see

our experiment similar to theirs from the point of view of bacteria residing in localized

water films on the agar gel, but rather different in geometric construction of the water film.

While in their case the bacteria become trapped within the pools caused by mechanical

compression (or indentation), in our experiment the motile bacteria are trapped above a flat

agar surface but within a thin film of water under a shallow tent. Nevertheless, the thin

liquid films in both cases are persistent, as they are connected to a large reservoir of fluid

contained in a permeable gel.

We would like to point out that the compression of the gel surface as described in

[51] is most likely not due to the weight of the beads, but the meniscus surface tension,

via capillary effect. Specifically, the weight of the titan barium type (specific density 4.2

g/mL) glass bead 50 µm in diameter is 2.7 nN, the deformation caused by the beads

weight on a 0.5% agar gel surface, of Young modulus ≈ 30 kPa [52], would only be about

47 nm, estimated based on the model described in [53]. In contrast, compression on the gel

surface due to the surface tension of meniscus around the bead, i.e., the capillary force, is

more significant. We assume roughly a 10 µm radius for the contact circle at the air-water

interface around the bead of 50 µm diameter and a 10-degree angle for the meniscus slope,

as illustrated in Figure 3.4. The net vertical force integrated over the circle is 0.79 µN,

which is nearly 300 times larger than the beads weight. The gel deformation under this

capillary force amounts to about 2 µm, comparable to what was observed in [51]. This
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deformation also accounts for our observation that glass beads or graphite particles anchor

firmly to the surface once the shallow water tents are established. Performing a similar

calculation for the 4.5 µm silica beads used in our experiment, taking into account the

corresponding specific density of 2.7 g/mL and integrating over an estimated 1 µm radius

for the contact circle at the air-water interface, we obtain an estimated indentation of about

1.0 µm. Such an indentation is predominantly a result of the force due to the surface tension

of water. These estimates confirm that capillary force, not gravity, accounts for significant

compression on the agar surface by beads of only a few microns in diameter, as shown by

confocal imaging (Figure 5).

3.4 Conclusion

In summary, we report a novel mechanism by which micro-sized particles on a moist sur-

face entrap a tent-shaped layer of liquid within which flagellated bacteria swim in circular

trajectories. The phenomenon occurs due to strong surface tension at the liquid-air inter-

face and the proximity of the cells to a semi-permeable agar gel. Our findings indicate

the potential for persistence of bacteria mobility in thin films of water. The observation

that small particles can entrap bacteria under those conditions and allow them to remain

viable and motile, even after the liquid film has evaporated from most of the surface area,

is significant in certain environmental situations. For instance, this report helps reinforc-

ing proper hygiene habits to prevent bacterial contamination, by keeping surfaces dry and

clean, ideally free of particles, which might trap bacteria [54].
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Figure 3.1: Circular motion of bacteria around particles on agar surface. (a) Schemat-

ics representing a bacterial swarm (in brown) with a water droplet (containing graphite

particles or silica beads) added to a location overlapping the swarm front. A region in

the droplet is amplified to illustrate bacterial trajectories around the dispersed particles.

(b) Micrograph showing different features following the water droplet evaporation. The

swarm front is marked by the red dashed line. Most of the region beyond has dried and

is populated by bacteria stuck to the surface, except for those around graphite particles.

(c) Artistic representation of bacterial cells moving around a dispersed particle within a

tent-like layer of water around it. (d) Time lapse following the trajectories of bacterial cells

orbiting a graphite particle. Three cells in particular are highlighted with different colors

and geometrical contours to aid visual tracing. The sequence goes from left to right and the

pictures shown were taken approximately 0.47 s apart.
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Figure 3.2: Image with meniscus of water layer indicated and plots of the measured depen-

dence between meniscus and trajectory radii and particle size. (a) Micrograph highlighting

the meniscus edge of water (radius Rm; defined in Materials and Methods under ”Imag-

ing, measurements and graphic illustration”) around silica beads. Bacteria outside these

circles are stuck in dried regions, whereas a few bacteria within these circles orbit around

the beads. (b) Relationship between the cutoff radius of the water meniscus around the

dispersed particles and the trajectory radius for bacteria orbiting these particles. The blue

diagonal line of 45 degrees is a visual guide, which confirms the expected observation that

the trajectories are confined within the meniscus. This plot includes orbits around both

beads and graphite particles. (c) Relationship between the size of dispersed particles and

the cutoff radius of their surrounding water meniscus. Each data point is an average over

5 measurements (see Materials and Methods for details on how these measurements were

made). (d) Relationship between the size of the dispersed particles (graphite or beads) and

the radius of trajectories of the orbiting bacteria averaged over three complete orbits around

the seeding particle. In (b), (c) and (d) the error bars represent standard deviation. In (b)

the error bars are shown in both x and y axes.
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Figure 3.3: Measured speed versus radius of trajectory in comparison with numeric predic-

tion by applying a simple hydrodynamic model. (a) Speed of bacteria with respect to the

radius of curvature of trajectories for the four strains tested. The red line is the prediction

by applying Resistive Force Theory (with parameters specified in ”Hydrodynamic model”).

The lower end of the line is set by the 5 nm minimal gap chosen between the cell body and

the bottom surface in the model. Each data point represents measurements for an individ-

ual bacterium. (b) Schematics showing the curvilinear trajectory of a bacterium when it

swims close to a solid boundary. The cell body and its flagellar bundle rotate in opposite

directions. The larger drag on the cell body at the location facing the surface exerts a lateral

force in the opposite direction to that on the flagella (forces indicated in the figure). The

net torque leads to a circular trajectory.
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Figure 3.4: Schematics illustrating a resilient water layer around a micron-sized particle on

an agar gel. The internal pressure (P) within the layer of water is lower than the atmospheric

pressure (Po), which is also roughly the pressure inside the agar gel close to the top surface.

This pressure difference pumps water up from the semisolid agar gel, counterbalancing

constant evaporation. Hence, the water layer is maintained much longer than on typical

non-permeable solid surfaces. The thickness d corresponds to the width of a bacterial cell,

with its location defining a meniscus boundary outside which bacteria get stuck to the agar

surface. Note we have ignored the deformation on the agar surface due to the bead, which

is discussed in the text.
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Figure 3.5: Confocal microscopy images illustrating a small but notable compression of
a 4.5 µm bead on a 0.5% agar surface. The surface is covered by much smaller beads of
0.5 µm diameter labelled in Dragon Green, which is excited by blue and green lights to
emit green and red lights, but with green the strongly favored emission. Additionally, the
gel is also labeled with Nile red, which is mainly excited by green light, emitting red. (a)
top down view of a single confocal image slicing through the center of the bead. Yellow
light comes from merging green and red channels. The red circular region indicates the
presence of the 4.5 µm bead due to the absence of green. This is because the smaller
Dragon green beads were precluded from the site. (b), (c) and (d) represent an orthogonal
cross-section of (a) when opening the green channel (b), the red channel (c), and both green
and red channels (d). The trend lines in these images indicate the middle line through the
bright band. The absence of green light signal in the middle of (b) indicates the absence
of Dragon green beads in that region. Presence of a deformed red region in (c) shows a
somewhat compressed surface of the agar gel. (e) shows (d) with an illustrative circle,
indicating where the bead sits.
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CHAPTER 4

ASSESSMENT OF TRANSIENT BACTERIAL ATTACHMENT TO A SOLID

SURFACE BY APPLYING AN ELECTRIC FIELD

4.1 Introduction

Ubiquitous in nature, bacterial attachment to surfaces has been widely studied [55, 56, 57].

To human and animal hosts, bacterial attachment is often the first step towards infection

[58]. Attachment is also the most crucial step for the formation of biofilms, which may

also involve other triggers such as fluid flow [59]. In the process of exploring their envi-

ronments, bacteria often encounter solid boundaries. In spite of swimming motility and

Brownian motion [24], motile bacteria tend to accumulate near interfaces [21, 19]. When

within 2-3 µm from a surface, they may become sterically or hydrodynamically trapped and

remain in the proximity of the surface for significant lengths of time [22]. Although distinct

from attachment or adhesion, near surface accumulation and entrapment help facilitating

bacterial attachment.

Attachment to surfaces can be classified according to its molecular basis, as well as

strength and reversibility. Most bacterial species attach and adhere to surfaces via special

appendages such as pili, which have been extensively studied. The attachment by pili and

their retraction are known to lead to strong and permanent attachment. Less is known,

however, for other forms of attachment, particularly those weaker and more reversible,

even though they play functional roles. For instance, weak and reversible adhesion has been

shown to enhance surface colonization [60]. Sequences of attachment and detachment of

binding tethers may serve as pre-play in the process of consolidating irreversible attachment

[61]. These transient attachments are also linked to optimal surface exploration as it has

been proposed to maximize bacterial surface diffusivity [62].
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Bacterial colonization of a surface can be undesirable, such as in formation of dental

plaques and various types of bacterial infection [63]. As a consequence, different tech-

niques have been applied in order to remove bacteria from surfaces, for example, by flow,

through the passage of air-bubbles [64] or by applying electric field on conductive sur-

faces [65, 66]. In the last case, it was observed that electric forces parallel to the surfaces

are more efficient to promote detachment than those applied in the perpendicular direction

[67]. However, there has not been much study to systematically apply electric field in order

to quantitatively assess as a means of investigating bacterial attachment to surfaces.

We chose a Gram-negative bacterium called Caulobacter crescentus as a model system

for the study of bacterial adhesion. Commonly found in aquatic medium, including soil

and drinking water [68], C. crescentus has a dimorphic life cycle: One newly divided cell

is motile and called a swarmer, which in about 45 minutes develops into a stalked cell.

Under favorable conditions, the stalked cell can proceed to the next division, producing a

motile swarmer cell as its offspring in every two and half hours [68, 69]. The stalked cell

is known to produce a holdfast capable of strongly and permanently adhering to a solid

surface [70]. However, initial attachment in most laboratory based adhesion study of C.

crescentus tends to occur early in the swarmer stage. Effective attachment to surfaces for

this species is aided by the presence of type IV pili and flagellar motility [71]. In fact,

the swarmer attachment has been shown to trigger just in time expression of holdfast and

accelerate the swarmer cell to stalked cell transition [72]. Aside from strong adhesion and

permanent attachment via its holdfast facilitated by pili, We focus in this work on mutants

that lack pili, in order to study weak attachments involving other surface molecules or

mechanisms. A recent study on the tethered motion of C. crescentus swarmer cells of the

same strain suggests ”fluid joint” possibly formed by polymers on the cell surface [73]. In

addition, it has been reported that the curved shape of C. crescentus may help the cell to

colonize surfaces [74].

In this study, by applying electric fields parallel to a plastic surface, I perform exper-
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iments based on the initial observation that some weakly attached cells are readily de-

tached while others remain stuck to the surface. More interestingly, a small number of

tethered cells exhibit transient characteristics of moving slowly along the surface, driven

by the field, but never leaving the surface proximity. These particular cells move at erratic

speeds. They alternate between being mobile and tethered. We refer to this phenomenon as

quasi-attachment. This chapter focuses on this peculiar behavior and suggests a molecular

mechanism for it.

4.2 Materials and Methods

Two strains of Caulobacter crescentus were used in this study: CB15 ∆Pilin (provided by

Yven Brun when he was at Indiana University) and SB3860, which is a mutant derived

from CB15 ∆Pilin (kindly generated by Bert Ely from the University of South Carolina,

Columbia). Both bacterial strains lack pili, making them less likely to adhere to surfaces.

SB3860 only swims forward.

Caulobacter crescentus was grown in PYE (peptone yeast extract), followed by a syn-

chronization method [72] in order to select swarmer cells. The culture containing primarily

swarmer cells was diluted in DI water, in a proportion of 1:3, and the mixture was inserted

into a microscope slide containing a capillary channel (µ-slide I luer from Ibidi, Munich,

Germany), as illustrated in Figure 4.1. The channel dimensions are: 50 mm in length, 5

mm in width, and 0.4 mm in height.

Both ends of the channel were sealed with agarose gel (0.5 % in weight of agarose in

a 50 mM Na2SO4 solution). Specifically, agarose mix in liquid state was gently deposited

at one end of the channel previously filled with the bacteria containing liquid. The slide

was gently tilted to aid the gel mix to enter the channel by a millimeter or two. After

a 2 minutes wait for the gel to solidify, agarose mix was filled to the other end of the

channel, resulting in both ends of the capillary to be sealed by the agarose gel (see Figure

4.1 for channel visualization). The agarose gel prevents electrochemical products at the
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electrodes from spreading into the channel, adversely affecting the bacterial behavior. The

agarose seal on both ends of the capillary also efficiently limits the fluid flow within the

capillary. In addition, the surface of the type of capillaries we purchased is hydrophobic,

which essentially suppresses electro-osmotic flow. As a result, we noted no obvious flow

near the surface when the electric field was applied during the course of our experiment.

The electrodes were made of gold (99.99% purity, from Sigma-Aldrich) which is an

excellent conductor. This concern with sealing the channels with agarose gel and choosing

an inert metal came from the observation that the products of chemical reactions happening

at the electrodes are harmful to bacteria and a less restrictive setup had the potential to kill

most bacteria within a few seconds under applied voltages over 50 V. DC voltages up to

120 V were provided by a power supply (CSI12001X, Circuit Specialists, Tempe, AZ).

We noticed that applying voltages over several minutes would still cause cracking of the

agarose gel near the electrodes, where chemical reactions occur. As a consequence, bubbles

were produced in these regions, which altered the electric current. To avoid this adverse

effect, most of our experimental data were acquired within a few mins following an applied

voltage.

Electric currents were measured by adding a amp-meter (DROK, China) in series to

the circuit. Upon application of an electric field, the capillary channel behaved as a non-

Ohmic conductor as the relationship between voltage and current appeared nonlinear (see

Supplementary information). We also noted that the measured current increased over time,

perhaps due to the electrochemical effects. Applying higher voltages (> 100 V) for longer

period of time led to even higher electric currents. The nonlinear behavior of the measured

I-V curve may be attributable to our order of measurements ramping up sequentially from

lower to higher voltages.

Images were acquired using phase contrast under a upright microscope (Eclipse E800;

Nikon) with 4x or 40X objective lenses (Nikon) and recorded with a charge-coupled device

camera (Coolsnap EZ; Photometrics). The acquisition process was controlled using Meta-
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morph software (Molecular Devices). The frame rates for video recordings were 33.88 or

9.96 frames per second (fps). For image processing, particles were tracked using ImageJ

and AItracker, an artificial intelligence particle tracker based on neural networks [75]. The

bacterial trajectories which were used in the velocity calculations shown in Figures 4.4

and 4.5 were processed using a third order Savitzky- Golay filter with window length of 5.

This step allows the experimental data to be smoothed, filtering some noise, but keeping its

fundamental features.

Figure 4.1: Experimental setup. a) Picture showing a sample slide on a microscope stage.
Two wires are connected to electrodes placed at both ends of a capillary filled with the
bacteria. The microscope slide is fixed so that a part of its capillary channel is imaged
while an electric voltage is applied. b) A simple sketch of a.

4.3 Results

4.3.1 Alignment of trajectories under an electric field

Once exposed to an electric field, the effect of galvanotaxis for bacterial motion is immedi-

ately observed. In the absence of external electric field, the swarmer cells of C. crescentus

swim in random directions, which change in the time scale of seconds (Figure 4.2a). The

applied electric field imparts a drift speed on every bacterium, motile or not, but the effect

on swimming cells is more dramatic as the field has aligned their swimming trajectories.

The average direction of motion is opposite to the direction of the electric field, indicating

negative net charge of the bacterial cell. The alignment in trajectory is mainly caused by
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orienting the cell-flagellum axis, with the cell body heading towards the positive electrode

and the flagellum pushing from behind in most cases. This observation suggests the cell

body is more negatively charged than the flagellum, and the ratio of the electrophoretic

driving forces on the body and tail is larger than that of the hydrodynamic drags on them.

Under stronger fields, the paths of motion become closer to long and straight lines that are

nearly anti-parallel to the field direction (Figure 4.2b).

It is interesting to note that some cells are observed to swim in the direction of the field,

i.e. towards the negative pole, typically at much slower speeds. This observation suggests

that in these cases the swimming direction is parallel to the electric field, driven by its flag-

ellum pulling the cell body backward. With natural variation in motor torque, for some

cells this backward swimming motion appears to have overcome the electrophoretic effect,

resulting in net slow motion down stream with respect to the electric field. In the absence

of electric field, C. crescentus switches the direction of swimming within a few seconds

[76] (unless genetically modified to prevent such a behavior, such as SB 3860 strain, which

swims solely forward). I indeed observed switches under the applied field, but a randomly

large change in the direction of motion as the result of a flick [3] became less evident.

Even with the changes in direction of motion, the trajectories remained mainly aligned

with the electric field. One example is shown as trajectory 5 in Figure 4.2b. This align-

ment behavior is not specific to C. crescentus: our limited experiments with Pseudomonas

aeruginosa showed similar results. In short, immediate and large changes in trajectories

of swimming bacteria under an applied electric field can be accounted for by analysis of

flagellum propulsion, field alignment, and electrophoretic forces.

4.3.2 Types of motion under an electric field

Under an electric field, four different behaviors were observed for individual cells: 1. Non-

swimmers, including possibly dead cells, just drifted towards the positive pole, due to the

electrophoretic force caused by the electric field. 2. Cells that remained nearly immo-
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bile for some time, at most giggling about their fixed positions due to Brownian motion.

Some of these cells were seen to be spinning at fixed positions before the electric field

was applied, an indication of surface attachment mostly through body or flagellum tether-

ing. 3. Swimmers which kept their swimming motion, either against the direction of the

field (more often) or opposite to it. 4. Cells, which initially attached to a solid surface,

moved along the field, but slowly and with highly variable speeds over time. I interpret

such a behavior as alternating between transient motion and surface attachment. I define

this transient attachment as ”quasi-attachment”. Figures 4.3 a,b highlight examples of this

behavior, as well as cells that are permanently attached to the surface. While free swim-

ming cells quickly move away from their initial positions, the motion of these slow cells is

more constrained, as indicated in Figure 4.3.

4.3.3 Speed variation of transiently attached cells moving under the field

I noticed that the free swimmer cells, when moving against the direction of the electric field,

tend to move faster as the field strength is increased, as expected. In contrast, the slowly

dragging cells behave differently. These cells frequently drop their speeds to negligible

values. They transit from short moments of limited mobility to moments of attachment to

the surface, an example of which is shown in Figure 4.4 b. During the short intervals when

the cell was moving, its velocity component along the field axis remains highly variable. It

is possible that this noisy speed-time curve was also due to very brief moments of attach-

ment, but we could not definitively show that since all speed data were averaged over about

one tenth of a second set by the frame rate of the images taken.

One surprising behavior of these dragging bacteria is that no obvious correlation is

noted between the intensity of the applied field and the moving speed of the cells. Figure

4.5 shows six examples of averaged velocities along the electric field axis from dragging

cells (strains CB15 ∆Pilin and SB 3860) under different electric fields. There is a large

variation in each cell’s moving velocity over time, as indicated by the large error bars

38



representing the standard deviations. The average velocity also varies among the 6 cells,

but there is no obvious correlation between the average velocity and either the voltage

applied or the strain of the cells tested. Note the trajectories of these cells are aligned with

the field axis. Thus the velocity component properly accounts for the average drift velocity

of these transiently attached cells.

4.4 Discussion

4.4.1 Charge distribution along the bacterial cell is primarily responsible for trajectory

alignment

One simple explanation for the alignment of bacterial trajectories under an electric field is

that there is a difference in electrophoretic mobility of the cell body and that of the flag-

ella filament [77]. Whereas this explanation has been suggested for some multiflagellated

species of bacteria, it may be extended to C. crescentus, as well. The typical area on the

cell body is in the order of 2-5 µm2 [78], which is around two orders of magnitude big-

ger than the surface area of the flagellum, whose averaged contour length is a few µm and

thickness diameter about 14 nm [79]. The hydrodynamic drag on the cell body is also

larger than on the much thinner flagellum. Based on our observation that motile cells swim

rapidly towards the positive electrode, faster than the speeds of non-motile cells, we know

that the cell body usually leads the flagellum as the bacteria are both driven by the field

and pushed by the flagellum towards the electrode of higher voltage. The experimental

results also suggest that the ratio of the drag coefficient is much less than that of the ef-

fective charges between the two. The imposed cell orientation dictates the kinematics of

the bacterial trajectories. Under strong fields (with applied voltages above 40V in our ex-

periments), cell trajectories do not deviate much from straight lines even for cases when

we observe switches in the direction of motion. This result is partially due to alignment of

the electric field, but possibly also partially due to suppression of flagellum flicks [80]. A

flick occurs when a uniflagellated bacterium changes from backward to forward (cell body
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forward) motion. For C. crescentus, with its flagellum of right handed helical structure, a

flick occurs as its flagellar motor switches rotation from counter-clockwise to clockwise.

Whereas a flick often causes the bacterium to reorient its cell body orientation, causing a

large change in swimming direction, the presence of a strong electric field keeps the cell

body aligned, thus suppressing the flicks even if switches in motor rotation directions is

unaffected.

4.4.2 Cell surface polymers may be the cause for the transient attachment to a solid

surface

To my knowledge, there is currently no definitive explanation for how bacteria make tran-

sient attachment to surfaces. It has been proposed [73] that a ”fluid joint” made up of

polysaccharrides that cover the cell wall could be responsible for the interaction with the

surface (Figure 4.6). The tether region seems to be located near the flagellar pole in most

cases, but occasionally also near the center of the body [73]. Given that the nature of this

cell-surface attraction is proposed to be caused by polymeric bonding between the bacte-

ria wall and the surface, we suggest to refer this interaction as via polymeric tethers. The

reason for this proposed change in terminology is that ”fluid joint” implies no molecular

link, but instead, the action of a thin layer of confined fluid. Along with the collaborators

for this project, I hereby suggest explicitly in the sketch multiple molecular tethers, which

logically accounts for the ”quasi-attachment”. A single, non-specific molecular interaction

would unlikely be strong enough to withstand the applied field. Plus, if tethered by a single

bond, its breakage would immediately set the cell free, leaving very low probability for

repeated attachment. Although unable to visualize these polymers, we envision multiple

tethers with multiple transient attachments, which best account for the large variation of

the drag speed, while the cell remains continually attached. Additionally, since C. crescen-

tus has a curved shape, as the cell is frequently going through moments of attachment and

detachment, the region of cell-surface contact may vary significantly and hence the force of
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attachment. The bonding at different locations on the cell surface could lead to variations

in the speeds of motion for such a cell even if there is a constant force driving it to move

parallel to the surface.

4.4.3 Comparison on forces of detachment with other methods

The method of applying an electric field to detach cells from a surface offers an unique at-

tribute as compared with other techniques. In the experiment addressed in this chapter, the

typical force applied is on the order of 0.1 pN (see supplemental material - Appendix B).

Such a strength of force is 1-2 orders of magnitude stronger than achieved by the common

micro-fluidic approach [81]. However, it is orders of magnitude smaller than those by laser

tweezers (1-100 pN) [82, 83], atomic force microscopy (AFM) (order of nN) [84], or mi-

cromanipulation techniques (up to microNewton)[70]. The strength of bacterial adhesion

have been shown to cover such a wide range of magnitudes spanning all these techniques.

Interestingly, the present study shows that forces in the sub-pico newton range prove to be

required to detach a pililess strain of C. crescentus that weakly and non-specifically attach

to a plastic surface. Such weak and transient interactions might be significant prelude to

much stronger and permanent bacterial attachment to surfaces. There has not been that

many studies in this particular range of weak interactions, perhaps due to a lack of ap-

propriate tools. To this end, the method shown in this study may prove useful for future

studies on a variety of microbes in the context of their transient interactions with surfaces,

including those under more environmentally or medically significantly settings.

4.4.4 Could flagellar filament cause transient attachment?

One alternative possibility is that the flagellar filament frequently scratches the solid bound-

ary, causing too large a drag to allow fast motion of those cells touching the surface. Given

that a typical flagellar rotation rate is on the order of 250-375 Hertz [85], the flagellum

could be interacting with the surface with the high frequency on the order of hundreds of
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times per second, imposing a strong drag on the bacterium. This interaction of flagellum

and surface could also be a cause to the transient attachment. A potential method to test

this hypothesis would be by directly visualizing flagellum. This method requires labelling

the flagellar filament while not severely affecting the flagellated motion. One might then be

able to directly visualize the behavior of the labelled bacteria when they undergo transient

attachments under applied electric field. This approach has prove challenging previously,

using genetically modified strains of C. crescentus so that its flagellum could be labelled.

Unfortunately, the labelling resulted in much reduced motility and only in very few cases,

short video segments showing in rare occasions a motile cell with a faintly labelled fila-

ment. Once a better improved labelling technique is developed, applying it to the experi-

ments under electric field as described in this report could lead to better understanding to

what extent the flagellar filament affects the transient attachment.

4.4.5 Other alternative hypotheses

One alternative hypothesis is that these slow moving cells are just cells that are swimming

towards the negative pole, i.e. in the field direction, opposite to the electrophoretic driving

force. In this scenario they would be moving slowly because they would be ”fighting”

against the electric force. However, since the slow irregular motions are seen over dozens

of seconds, whereas we know from an earlier study that the characteristic time for switching

the direction of motor rotation rarely goes beyond a few seconds [76] (for ∆Pilin cells;

SB3860 only swims forward). It would be very unlikely, based on this alternative picture,

that a ∆Pilin cell would be swimming over 30 seconds in the same direction along the

electric field. In fact, we observed multiple examples of slow dragging motion for ∆Pilin

cells, thereby ruling out this alternative model.

Other alternative hypothesis can be considered, such as that the no-slip boundary con-

dition for fluid flow might account for the transient and slow dragged motion. This picture

is inconsistent with results from another earlier study measuring the swimming speed of
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C. crescentus as a function of its distance from glass surface using total internal reflec-

tion fluorescence (TIRF) microscopy. We found the cells swim relatively freely as close

as on the order of ten nanometers from the surface, with their typical swimming speeds

40 µm/s [24]. The qualitatively different type of motion and the much slower and highly

variable motion of the subset of cells identified in this study leave us with the most natural

conclusion of ”quasi-attachment”, by ”polymeric tethers”.

4.5 Conclusion

We report on the observation of frequent and transient attachment and detachment of C.

crescentus from a solid surface. The events were identified by applying an electric field

parallel to the surface. These transient attachment, via ”polymeric tethers”, reinforce the

idea of polymeric interaction between the cell wall and the solid boundary. Our analysis

of these events of weak adhesion offers insights on the mechanism, as well as potential

applications to remove bacteria from surfaces.
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Figure 4.2: Bacteria trajectories. a) No electric field applied, the trajectories show random
swimming directions and with changes in direction at random time. b) Under a 50 V
voltage, bacteria move predominantly against the applied field. The direction of the field
on the figure goes from right to left. The dashed circle on each trajectory indicates the
starting point of the track. The bright dots are images of bacteria, most of which are motile.
For clarity, only six cells are highlighted on each figure. Some cells move beyond the
borders of the imaging area. The images were taken using a 4x objective lens.
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Figure 4.3: Types of bacterial motion under the electric field. a) Particle 1 is attached to the
surface and hardly moves. Particle 2 moves slowly under the field, experiencing frequent
transitions in speed. Particle 3 is initially attached to the surface, but it detaches quickly
after the electric field is applied and moves fast and freely along its path. The images in the
sequence are 2 seconds apart. b) Tracing the trajectories as illustrated in Figure a) over 31
seconds. Notice that the time interval traced is longer than for what is shown in the time
lapse sequence in a). The images were taken using a 40x objective.
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Figure 4.4: Displacement and velocity along the field measurements. a) Displacement of
the highlighted cells along the axis of the electric field. Experimental data are shown for
points separated by 0.5 seconds, which is five times the time interval for data acquisition.
The voltage applied increases from 0 V to 100 V within seconds, and then remaining at its
maximum value. b) Velocity along the field as a function of time for the three highlighted
cells shown in Figure 4.3. c) Zoomed in plot of velocity values lasting approximately 1.5
seconds of the experimental data in Figure b above. Within this short time interval, we see
in more detail the variation of velocity along the field. At the moment from 10.9-11.3 sec,
the velocity is close to zero, indicating transient attachment.
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Figure 4.5: Average velocity component along the axis of the electric field for six dragging
cells from two different strains and under different values of applied voltages. The error
bars represent the standard deviations.

Figure 4.6: Illustration of transient bacterial attachment to a solid surface through polymers
out of the cell wall.
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CHAPTER 5

CONCLUSIONS

The results in this thesis are mainly divided into what were discussed in chapters 3 and

4. Both chapters employ bacteria as the experimental system of study, but under very

different conditions. Other related studies, that are independent on their own, but came

from the analysis of applying electric fields in capillary channels are briefly discussed in

Appendices C and D. These side projects have the potential to be more deeply investigated

in order to gain more insights into bacterial interaction with surfaces and the electrokinetic

effects on micro and nano capillary channels.

Summary of results

In chapter 3, it was reported the finding of thin liquid layers around micrometer sized

particles that were resilient to evaporation due to fluid replenishment coming from the

gel water ”reservoir”. Looking from this point of view, bacterial cells acted as tracers

for the fluid film. Bacterial motion or immobility allowed for the determination of the

liquid layers, giving that the liquid itself is transparent and invisible in the microscopic

observation. The motion of the bacterial cells was also intriguing to observe because of

their orbital trajectories around the seeding particles.

Circular motion of bacteria near a solid boundary is not entirely new, although not in the

same setup as the one shown in this study. Here, it was possible to have exquisite control

over the radius of the circular trajectories as they correlated with the height of the seeding

micro particles. An important feature of the phenomenon is the mechanism of essentially

micro-pumps on the agar gel interface, driven by the Young-Laplace pressure caused by

the curvature on the thin film surface. This mechanism acts to entrap motile bacterial cells

over a 10 minutes time interval. Also, in the way the experiment was designed it leads
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to the selection of the fastest cells on a swarming colony front. The fastest cells are the

ones that reach the water pools further from the initial water droplet deposition before the

water evaporates. Eventually, a similar method, which has minimal side effects on the cell’s

health state, could be designed for selection of viable sperm cells. Such an application is

constantly sought in the livestock industry or human reproduction [86].

In chapter 4, I have described original observation and offered a molecular model for

bacterial adhesion to solid surfaces in cells that lack pili. In particular, the experimental

data show a transient attachment phenomenon in which the bacterial cells switch back and

forth between detachment and attachment. The nature of this cell-surface interaction was

attributed to a connection mediated by polymeric tethers, which may naturally extend out

of the bacterial surface. Also, the alignment of the bacterial cells with an applied electric

field indicated effective suppression of the flicking maneuver under this experimental setup.

In this study, the external electric field worked in the sense of removing or preventing

bacterial adhesion to surfaces. This experimental design allowed for the observation and

analysis of transient attachments. A full description of the nature of bacterial attachment

to the surface will require higher resolution images, possibly resolving flagellar filaments

by fluorescence labelling. Labelling the flagella while maintaining their propulsive active

would also help explain the role they play in the dragging motion of the bacterial cells

under the electric field.

Perspectives for future studies

Regarding the orbiting bacteria project, further studies could lead to potential applications

or more in depth comprehension of the observations. For instance, the pumping rate of the

agar gel caused by the deposition of graphite particles or microspheres was estimated based

on the steady state balance with the evaporation of the water layer. A detailed investigation

of the gel porosity or higher resolution images, such as with x-ray microscopy, would allow

for a more quantitative result. Trying out the experiment with different gel compositions
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could also better define its influence on the pumping rate. As a potential application, in

addition to the fast cells selection, this experimental design shows a way to keep micro-

sized material wet over extended periods in samples that are open to the air. The result is

achieved without relying on a complex irrigation system, suggesting potential applications

to systems similar to the one described in this study..

Likewise, the electrophoresis experiment with the dragging bacterial cells suggests a

way to prevent bacterial adhesion to surfaces through the application of electric fields. A

deeper understanding on the attachment mechanism would require better imaging of the

cell-surface contact area. The effects of electroosmosis, for instance, could be better eval-

uated by working with glass capillary channels, which has a charged surface. Preliminary

studies with ”home made” glass capillaries glued to a microscopy slide have indicated the

presence of significant counterflow of cells near the capillary boundaries. These capillaries

were not stable enough to produce best quality data, but the development of a more consis-

tent method to fabricate these channels may overcome the data quality issue, allowing for

rigorous investigation of electro-osmotic effects in such systems.
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APPENDIX A

SUPPLEMENTARY INFORMATION FOR CHAPTER 3

A.1 Estimating graphite heights

Here I describe the procedure to estimate the heights of graphite particles used in the ex-

periments described in chapter 3.

Graphite particles obtained by scratching a pencil are highly variable in size. They tend

to lay on the agar surface along their two longer dimensions. For convenience, I define

graphite diameter as the square root of the product of the longest and the shortest axes

along the particle imaged under the microscope. I also refer the particle diameter thus

defined as its size, so that readers do not falsely imagine the particles to be spherical. By

moving the fine knob in the microscope that controls the focus in the vertical direction,

I estimate what is the height of the graphite particles. To calibrate this estimation, I also

deposited a mixture of silica beads with well-defined dimensions (1.0 µm and 4.5 µm in

diameter) and the graphite particles on the agar gel. Moving the knob from the position

with the top of the bigger beads in focus to that of the smaller beads in focus I calibrate the

translation of the knob with the vertical height. This calibration is applied to estimate the

height of the graphite particles.

In order to assess the thickness of the liquid film around graphite particles where or-

biting bacteria were observed, I made separate measurements for graphite height versus

diameter. Although I did not measure the ones with bacteria orbiting, I measured particles

within the same size range from the same preparation. One notes on Figure A.1 that, except

for a few outliers, wider particles tends to be also taller. There is a wider distribution for

diameter than height, which may be related to the layered structure of graphite and the fact

that objects are more likely to sediment with their larger dimensions laying horizontally.
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For example, when falling on the floor, a cell phone always lands with its face up or down,

not on its side.

Figure A.1: Correlation between the height and the diameter of graphite particles. A scatter
plot of graphite heights versus diameter for 36 particles with their size in the range in which
orbiting bacterial motion was observed. A few data points in the diameter range of 7-9 µm
were obscured due to overlap.

A.2 Resistive Force Theory numerical calculation
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Table A.1: Parameter values used in the numerical calculations
Parameter definition Value

Wavelength of helix: λ 1 µm
Radius of helix: b 300 nm

Radius of cell body: a 0.6 µm
Viscosity of medium: η 0.89 mPa.s
Width of cell body: w 1.2 µm

Rotation frequency of flagella: f 150 Hz
Rotation speed of flagella: ω 2πf

Number of wavelengths in the helix: n 3
Length of the flagella: L nλ

Radius of flagella filament: r 100 nm

All parameters appear in mobility matrices as defined by Lauga et al. [44]

Figure A.2: Speed and radius of curvature as functions of the gap thickness, calculated from
resistive force theory. (a) Speed vs gap thickness. The gap distance is from the bottom of
the cell body to the solid surface below. Note a slight increase in speed with gap distance
from 5nm to 40nm, but the swimming speed quickly approaches an upper limit. (b) Radius
of curvature vs gap thickness. The radius of curvature increases sharply with gap thickness,
as the hydrodynamic influence of the solid surface diminishes. The minimum distance from
the surface is set to be 5 nm, below which distance the hydrodynamic model breaks down.
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APPENDIX B

SUPPLEMENTARY INFORMATION FOR CHAPTER 4

B.1 Plotting the current vs voltage data (I-V curve)

I measured the electric current in the capillary channel originated with the application of

the external DC voltage, as described in the Methods section chapter 4. The purpose of this

measurement if at least twofold: 1. By repeating such measurements over multiple samples,

the extent of variation informs us how sensitively the actual field strength in the middle of

the capillary depends on the exact positions of the electrodes as they are connected to the

capillary at both ends. 2. By monitoring the current over time, I learn about how stable

the bacteria-containing liquid is, and what the proper time scale is for the experiments I

performed. For 1, I realized that small changes in the electrodes inserted into the channel

indeed leads to significant variation on the electric current. This amount of variation, by as

much as 20 − 30%, sets the limit of accuracy for this experimental design. For 2, I noted

a time dependence of the current in the sense that over ≈ 30 seconds under a fixed applied

voltage, the resulting current tended to increase over time. This increase was probably due

to some ionic effects that occur near the electrodes. The current would then stabilize for no

more than two or three mins before it would drop down over longer time after air bubbles

formed close to the electrodes.

As a consequence of this time dependence, I noted that when measuring current as a

function of voltage in incremental steps, the results from previous measurements affect the

subsequent measurements. To correct for this effect, I did three series of measurements of

current with stepwise increases of voltage (+10 V per step) and then repeated the measure-

ments 3 times with stepwise deceases, i.e. starting from the highest voltage (120 V) down

to 0 V in decreasing steps (-10 V per step). The I-V curves for the two sequences of mea-
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surements indeed show opposite curvatures, but averaging them yielded a proportional I-V

curve, as it should be. Figure B.1 shows the plot of the I-V curve obtained by averaging all

measurements ramping up and down in measurement steps over 3 cycles. The large error

bars are notably due to different values between values acquired from the stepwise up as

opposed to stepwise down measurements.

Figure B.1: I-V curve. Each data point was the average of six measurements: three with
stepwise increase and three with stepwise decrease voltage steps. Error bars represent the
standard deviation. The solid line is a trend connecting the dots.

B.2 Estimating the electrophoretic mobility of C. crescentus based on measurements

of drift velocity

When driven by an electric field (E), the ratio between the velocity of motion (v) of a

charged particle and the field is defined as the particles electrophoretic mobility (µ). In

mathematical terms:

µ = v/E (B.1)
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I measured the average drift velocity of six non-motile cells driven by the electric field

of three applied voltages (80 V, 100V, 120 V) , with the results shown as a bar graph

(Figure B.2). I estimated the electric field as the applied voltage divided by the length of

the capillary channel (5 cm), ignoring the voltage drop in the proximity of the electrodes

due to the effect commonly known as contact resistance. Thus, I was able to estimate the

electrophoretic mobility (epm) of C. crescentus using Equation B.1. The results obtained

are shown in Table B.1, which average to -1.4 µm.cm. V-1.s-1. This value is comparable

to what is reported as -1.199 µm.cm. V-1.s-1 for E. coli grown in L-medium [87].

Figure B.2: Average drift velocity for non-swimming cells driven by the applied electric
fields. The error bars represent standard deviations. The averages were taken for 6 cells at
each voltage.

Table B.1: Estimated electrophoretic mobility at three applied voltages.
Voltage (V) Electrophoretic mobility (µm.cm. V−1.s−1)

80 -1.2
100 -1.4
120 -1.5
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B.3 Estimating the electric force on bacteria

I estimate the electric force (F) driving the bacterial cells by applying the Stokes law for

spherical particles moving in a viscous medium:

F = 6πrv (B.2)

Here, η is the fluid viscosity, r is the radius of the spherical particle and v is the velocity

of the driven motion. Taking 1 µm as a typical size scale for a bacterium radius, the

dynamic viscosity of water ( = 0.89 mPa.s) at room temperature and the average speed of

26 µm/s for non-swimmers cells measured at 100 V (see Figure B.2), I obtain a driving

force of about 0.4 pN (picoNewtons) at this voltage. This force is rather small. It can be

provided by one or a few polymers transiently and perhaps non-specifically tethered on the

solid surface. This crude estimate also explains why I noted only a small number of cells

occasionally dislodged by the field applied in our experiments. With either more molecular

tethers or stronger binding, the electric field applied might be insufficient to detach most

attached cells. Such a weak force can also be applied by shear in typical microfluidic

experiments.
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APPENDIX C

BACTERIAL ROLLING MOTION AND CELLS STALLED TO A SOLID

SURFACE

In addition to the dragging motion near a surface described in more detail in chapter 4.

I also observed other interesting behaviors for bacterial motion, near to a solid boundary

under the influence of an electric field. In particular, two of them are briefly described in

this section: rolling motion and stalled cells.

C.1 Rolling motion

I noticed, along with undergraduate student Joy Zheng, cases of pre-divisional Caulobacter

crescentus cells (i.e. cells prior to their division stage in which one cell reproduces giving

birth to two cells) initially attached to the surface. A number of these cells had spinning

motion and got detached under the application of the electric field (on the same order of

magnitude as those described in chapter 4), but they kept spinning. Once such a cell gets

detached, it will have a translation component in its trajectory, due to the electrokinetic

effects. When coupled to the spinning motion it gives rise to a cell path that resembles a

cycloid. We named this behavior as rolling motion. The presence of the spinning motion

suggests that these cells remain close to the boundary, so that their flagella can roll around

the surface, promoting the spinning.

Figure C.1 shows a timelapse sequence for a rolling motion pre-divisional cell. Figure

C.2 illustrates what the trajectory of such a cell looks likes.
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Figure C.1: Sequence of microscopic images of a pre-divisional C. crescentus cell per-
forming rolling motion. One can follow the spinning motion by the geometrical orientation
of the curved bacterial cell. Sequence should be read from left to right. Credit to image
editing: Joy Zheng.

Figure C.2: Illustration of the cycloid trajectory for a rolling cell. These trajectories are a
result of the coupling between the spinnig of the cell near the surface and the translational
motion caused by the external electric field. Credit to image editing: Joy Zheng.

C.2 Stalled cells

An addition evidence for the alignment of bacterial cells (C. crescentus in the case of my

experiments, to be more precise) under an electric field parallel to their boundary surface is

noticed in the occurrence of cells initially spinning when there is no electric field applied,

but that have their spinning suppressed under the application of the field, while orienting

themselves along the field axis. Here the focus is on cells that do not get detached. The

relevant fact in these cases is that when the field is turned off the spinning motion is re-
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sumed. In other words, the electric field works as a switch to align the cells and prevent

their spinning. Figure C.3 shows a timelapse sequence for a stalled cell.

Figure C.3: Sequence of images of a cell initially spinning (no electric field applied) that
gets oriented along the field once it is turned on, suppressing the spinning motion. Sequence
should be read from left to right and consecutive pictures are 2 seconds apart in recording
time. The initially spinning cell (inside the red dashed circle) reorients itself in the first
five pictures, but remained nearly immobile in the last five pictures. There is an immobile
cell outside the dashed circle. The field was applied for almost 30 seconds and once it was
turned off the spinning motion was reestablished.
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APPENDIX D

NUMERICAL SOLUTIONS TO POISSON-BOLTZMANN AND CONSERVED

CHARGE POISSON-BOLTZMANN EQUATIONS

Studies the electrokinetic effects on a capillary channel filled with an ionic solution, with

the system in equilibrium, are traditionally described in terms of the Poisson-Boltzmann

(PB) equation. Wan et al [18] pointed out that in this approach there is no guarantee of

conservation of charge within the computational domain. To solve this issue they refor-

mulated the charge calculation and introduced the Conserved-Charge-Poisson-Boltzmann

equation. Additionaly, in order to reproduce the electric double layer, characteristic in

electrokinetic phenomena, they added a scalar trap potential active near the capillary walls.

During the course of my phd studies, I dedicated some time to implement, from scratch, nu-

merical solutions to these equations, given that the reference publication mentioned above

numericaricaly works with the closed code software Comsol Multiphysics. In this section,

I describe the general approach and reproduce graphical results.

D.1 Procedure to solve the Poisson-Boltzmann equation

As described in chapter 2, the ionic distribution on a given medium results in an elestrostatic

potential, as described by the Poisson equation:

∇2ψ = −e(p− n)

ε
(D.1)

The Poisson-Boltzmann formulation takes place when the charge distributions are given

by Boltzmann factors: n = αexp(eφ/kBT ) and p = βexp(−eφ/kBT ). Where φ is the total

electrostatic potential, coming from the ionic distribution, trap potential (see chapter 2) and

eventual external potential.
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Taking into account the Debye length (λD =
√

kBT
2NAe2I

) and a normalization of the total

potential: φ̄ = eφ/kBT :

∇2φ̄ =
1

λ2
sinh(φ̄) (D.2)

For a simplified notation, from now on I will refer to φ̄ simply as φ.

In the following steps, it will be shown the Finite differences discretization of equation

D.2 in cyllindrical coordinates (only dependant on the radial coordinate). The right hand

side of D.2 will be replaced by: F (φ) = 1
λ2
sinh(φ̄).

∇2φ =
1

r

∂

∂r
(r
∂φ

∂r
) =

∂2φ

∂r2
+

1

r

∂φ

∂r
(D.3)

Hence, the discretization of D.2 can be written as follows, where the index i indicates

the i-th elemenent on the Finite differences grid:

φi+1 − 2φi + φi−1

(∆r)2
+

1

ri

φi+1 − φi−1

2(∆r)
= F (φi) (D.4)

The overall solution to D.4 requires solving for all points in the grid. Note that ri = i∆r

, where the discretization step ∆r is given by: ∆r = a/lx. Where a represents the radius

of the channel and lx the number of grid points.

By looking at D.4, one element of concern is how to deal with the case when the radial

coordinate is zero, since this equation has a ri in one denominator. The general procedure

which has been adopted in such situations is to apply l′Hopital rule for r = 0.

1

r

∂φ

∂r
−→ ∂2φ

∂r2
(D.5)

Imposing the boundary condition ∂φ
∂r

= 0, at r = 0 (Neumann Boundary condition), we

have the discretization ∂2φ
∂r2

= 2(φ1−φ0)
(∆r)2

at this point.

The numerical solution to the PB equation can be obtained by applying the Newton-
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Raphson method, which consists of turning the equation to solve into a system of linear

equations of the form: A(φ) = F (φ), where here φ represents a vector matrix with all

the values of the electrical potential along the grid. So, it is necessary to determine A, the

matrix of coefficients.

In equation D.4, by taking ri = i∆r and multiplying both sides by (∆r)2 we get:

(φi+1 − 2φi + φi−1) +
φi+1 − φi−1

2i
= F (φi)(∆r)

2 (D.6)

When r = 0, considering the Neumann boundary condition, the equation is given by:

∂2φ

∂r2
= F (φ0) −→ 2(φ1 − φ0)

(∆r)2
= F (φ0) −→ φ1 − φ0 =

(∆r)2f(φ0)

2
(D.7)

I will call, from now on, the last right hand side of equation D.7 as f(φ0). When r = a,

the Dirichlet boundary condition φN = 0 is imposed. Note that this value of φN enters in

the calculation of the PB equation for i = N − 1.

From all the discussion above, we come to the conclusion that the matrix A is con-

structed as follows, A[x][y] indicates the element Axy of the matrix:

A[i][i] = −2

A[i][i− 1] = 1− 1/(2i)

A[i][i+ 1] = 1 + 1/(2i)

A[0][0] = −1

A[0][1] = 1

A[lx− 1][lx− 2] = 1− 1/[2(lx− 1)]

A[lx− 1][lx− 1] = −2

All other elements of A are zero. The iterative solution of the system is achieved from:

φn+1 = φn−J−1.F (φn), where here n indicates the iteration step, J is the jacobian matrix:

J = A− ∂f(φi)
∂φj

and F (φn) = Aφn− f(φn). Notice that here φ represents the vector matrix
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with the values of the potential along the grid. Let ∆φn = φn+1 − φn. Convergence is

accomplished when ∆φn < ε (for some predefined criteria), at this point the iteration is

stopped.

D.2 Procedure for numerical solution of the Conserved Charge Poisson-Boltzmann

equation

The PB equation has inconsistencies with the PNP equations. In particular, for small (nano-

sized) channels, PB cannot accomplished overall charge conservation within the computa-

tional domain. In order to deal with this issue Wan et al [18] proposed a new scheme to

calculate the density of the charged particles:

n = no
exp(eφ/kBT ))

1
V

∫
dxexp(eφ/kBT )

(D.8)

p = po
exp(−eφ/kBT ))

1
V

∫
dxexp(−eφ/kBT )

(D.9)

Incorporating them into the format of the PB equation leads to the Conserved Charge

Poisson-Boltzmann equation (CCPB) (equation D.10) in which, as the name suggests,

charge conservation is accomplished.

1

r

∂

∂r
(r
∂φ

∂r
) =

ea2no

2ε
[

exp(eφ/kBT )∫ a
0 rexp(eφ/kBT )dr

− exp(−eφ/kBT )∫ a
0 rexp(−eφ/kBT )dr

] (D.10)

A critical implication of the CCPB model is the fact that the occurrence of an electrical

double layer does not come naturally. It requires some additional mechanism which causes

separation of charge within the computational domain. The way Wan et al [18] circumvent

this problem happens by introducing a surface potential trap (equations 2.3 and 2.4). This

potential trap will be responsible for attracting or repelling ions to the region immediately
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close to the channel solid-liquid interface, as given by the width of the trap.

To help simplifying the CCPB equation, an useful quantity is introduced in this frame-

work, the chemical potential µ, definied as follows:

µ =
kBT

2e
ln[

∫ a
0 exp(e(ψ + f)/kBT )rdr∫ a

0 exp(−e(ψ + f)/kBT )rdr
] (D.11)

The chemical potential must be calculated in a self-consistent method along with the

solution of the CCPB. To be precise, the CCPB equation is solved starting with an initial

guess for µ, this gives the values of ψ, which are then used for a better estimation of µ. The

cycle continues until convergence is reached.

Including the trap potential and the chemical potential, CCPB equation is written as:

1

r

∂

∂r
(r
∂ψ

∂r
) =

en∞

ε
[exp(e(ψ − µ+ f)/kBT )− exp(−e(ψ − µ+ f)] (D.12)

The methodology to discretize equation D.12 is similar to what was done for PB, thus

it will not be described here (n∞ is the ionic concentration in the bulk of the capillary).

D.3 Graphs

In this section, I show some graphs produced from the numerical solutions of the PB and

CCPB equations.

First, figure D.1 shows the dependence of the accuracy of PB with the radial size of the

capillary. For larger channels (radius 2.4 µm) the results of both PB and CCPB coincide,

whereas for much smaller channels (radius 10 nm) the discrepancy is evident.

The calculation can also vary other parameters, such as the solution pH or the salt

concentration. Figure D.2 shows examples of these cases.
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Figure D.1: Electrostatic potential due to ionic distribution as a function of the radial dis-
tance from the center of the capillary. A) radius of capillary: 2.4µm. B) radius of capillary:
10 nm.

Figure D.2: CCPB calculations for a capillary with 10 nm radius. A) Plots of the ionic
potential as a function of the radial coordinate for two values of pH. B) chemical potential
(with negative sign) as a function of pH for three values of salt concentrations.)
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