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Abstract of “Extracting Primary Mechanical Neural Cellular Injury Thresholds Following

High-rate Mechanical Deformations” by Harry C. Cramer III, Ph.D., Brown University, De-

cember 2021.

The successful detection and prevention of traumatic brain injuries relies on the quantitative

identification of cellular injury thresholds associated with the underlying cellular pathology.

First, a 3D in vitro cell culture platform will be described capable of being reproducibly

mechanically deformed and efficiently immunolabelled for cytoskeletal markers of interest in

diverse neural cell structures. This work will then combine recently developed inertial mi-

crocavitation rheology techniques with a 3D in vitro collagen-I hydrogel-based neural tissue

model to provide the first quantitative experimental mechanical injury tolerance thresholds

for neural cells at strain rates on the order of 103 − 108 s−1. In this work the structural

pathology of neural cells following inertial cavitation-induced mechanical deformations are

resolved to allow for the quantification of critical injury strain thresholds of neural cell pop-

ulations occurring at high loading rates such as those encountered in blast, cavitation or

directed energy exposures. Specific thresholds for cellular projections are determined and

indicate that neuronal dendritic spines characterized by MAP2 display the lowest physical

failure strain at 7.3%, whereas general neural cellular projections containing microtubules

and filamentous actin were able to tolerate appreciably higher strains (14%) prior to injury.

Interestingly, while these critical injury thresholds were similar to previous literature values

reported for moderate and lower strain rates (< 100 1/s), the pathology of primary injury

reported here was distinctly different by being purely physical in nature as compared to bio-

chemical activation during apoptosis or necrosis. The work concludes with the discussion and

examination of primary mechanical injury in an integrin-rich hydrogel substrate to inform

the future extension of high-rate mechanical neural cell injury to the regime of secondary

biochemical injury activation through more diverse mechanotransduction pathways.
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Chapter 1

Introduction

Note: Portions of this chapter are in preparation for publication and may be reproduced

at a later date.

1.1 Traumatic Brain Injury

Traumatic brain injuries (TBI) are a result of complex mechanical insults to the nervous

system and represent a significant economic and societal burden [1]. Global estimates in-

dicate that as many as sixty-nine million individuals suffer a TBI each year [2]. Despite

years of research and mounting evidence towards a number of potential treatment avenues,

no Federal Drug Administration approved treatment currently exists to treat TBIs [3]. To

facilitate an understanding of the mechanisms underlying TBIs, a multitude of past and

present efforts, both experimental [4–8] and model-based [9–12], have aimed to develop

platforms intended to predict and mitigate the injury altogether. Despite progress, these

efforts have failed to readily translate into a clinical setting where assessment of the severity

of a TBI continues to rely on the use of the Glasgow Coma Scale (GCS) [3, 13]. The GCS

assigns patients a numerical score (3-15) based on the presentation of neurosymptomatic

effects following injury (e.g., loss of consciousness) [2]. According to a patients GCS score,

TBI severity is designated a clinical assessment of mild (13-15), moderate (9-12), or severe

1
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Figure 1.1: Schematization of Stress Wave Propogation through tissue in TBI From a mechanical
standpoint this stress wave can be considered to consist of two major (potentially injurious) contributing
portions of the stress wave, the deviatoric (yellow) and hydrostatic (red) components.

(3-8) [2]. This rating is assigned from primarily neurosymptomatic presentation in the field

and corroborated clinic-side through costly medical imaging, with confirmational diagnosis

often relying on postmortem analysis [3]. Traumatic brain injuries present under a broad ar-

ray of symptoms, some of which present rapidly, like those of ’open’ head injuries where the

scalp or skull is penetrated [3]. The rapidly presenting injury pathologies which occur within

the immediacy of impact, often termed primary injury, consist of both ’open’ and ’closed’

presentations on the order of microseconds to milliseconds. In addition to rapidly present-

ing pathologies, the disruption of blood vessels in the brain can lead to a secondary injury

pathology including; edema, intracerebral or subarachnoid hemorrhages, and hematomas

over the course of hours to days following the initial injury [3]. As TBI is at its core a soft

tissue injury, the presentation of neurosymptomatic, or pathological effects originate at the

cellular scale through an abnormal mechanical loading of the tissue.

While mechanical forces play a key role in many cellular functions, an excess or abnor-

mal loading on the cellular scale can be distinctly injurious [4–8]. The mechanical loading

causal to a TBI, regardless of the intial injury source, can be understood as the propagation

of a stress wave through the tissue. From a mechanical standpoint this stress wave can be

considered to consist of two major (potentially injurious) contributing portions, the devia-

toric and hydrostatic components (Figure 1.1). Transmission of these different components
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of stress through the tissue provide for different potential mechanisms of injury. Deviatoric

stress relates a direct deformation-based injury modality to the tissue, whereas the hydro-

static stress relates a change in overall pressure on the tissue and cells. While the potential

negative effects of a direct deformation on a tissue can be understood from an engineering

perspective similarly to that of a material being deformed to failure when a critical load is

applied, the effect of pressure on the tissue is more nuanced and is examined in more detail

below.

To quantify the mechanical deformations experienced at the cellular scale in response

to these stress waves, an understanding of the underlying mechanics is required. The mag-

nitude (or intensity) of the stress wave in the tissue is considered an ’inferred’ mechanical

quantity, meaning that it is not a direct measure of an observable mechanical phenomenon,

but rather a numerical representation of a more complex loading state. In this way the

mechanical stress, or the force generated over a given area of the tissue, is dependent on the

directly observable rate of deformation (strain rate) and the deformation (strain) itself, in

addition to an assumed functional response of the material (tissue) to the measured defor-

mations (material model). Within the context of engineering, the deformations—or shape

changes—within a tissue can be mathematically described as material strains through a

number of definitions and are described at length elsewhere [14]. As a consequence of in-

ferred mechanical stress being dependent on the implementation of specific material models,

many experimental (including this thesis) and analytical approaches to studying the effects

of deformations in tissues report the directly quantifiable strains and strain rates in the

system, rather than reporting mechanical stress. Commonly applied definitions for the re-

porting of strains in tissue and cell mechanics are varied and can include the logarithmic

(true, or Hencky), engineering (Cauchy), or maximum principle strains (MPS), among oth-

ers. These definitions each reflect related, but mathematically distinct, representations of

the applied or measured strains within the system. Further discussion on the specific mathe-

matical definitions and formulations for strain, strain rate, and stress employed in this thesis

are described at length in Chapter 3 Section 3.3.

Consistent with this approach, in order to examine the transmission of stress waves
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through the bulk tissue in greater detail as well as to highlight the effects of the rate of ap-

plied loading, modeling efforts traditionally construct homogenized geometric computational

frameworks with unit sizes on the millimeter (mm) to centimeter (cm) scale [9–12]. These

models are commonly informed with rate-dependent material properties of the tissue and/or

surrogate tissue mimics consistent with an understanding that materials and tissues behave

differently under increasing loading rates [9, 11, 15]. Exposure of these models to simulated

injury sources at under different loading rates yield complex maps of various mechanical

quantities throughout the tissue (i.e., mechanical strain, strain-rate, stress, pressure, etc.)

indicating the intensity of many quantitative metrics vary both spatially and temporally

within the tissue [9, 11]. One major shortcoming of these models is their limited predictive

power with respect to the loads experienced at the cellular scale (order micrometer; µm).

These models indicate that the loads experienced by the brain differ greatly with several

factors, including the rate of the applied loading regime [9, 11]. Interestingly, several mod-

els and experimental platforms employing high-rate deformations from exposure to purely

pressure-based shock or blast waves indicate that pressure drops experienced by the brain

can reach levels sufficient to generate a tensile fluidic breakdown of the cerebrospinal fluid

resulting in a potentially highly disruptive nucleation of cavitation, or spontaneous bubble

formation, events within the tissue [16,17].

The finding of differing behavior of the modeled tissue at different rates is in good gen-

eral agreement with clinical observations of the postmortem pathology of different types

of closed-head cortical injury (CCI) [18]. Under histological examination, a unique rate-

dependent injury pathology has previously been reported between different rate CCIs [18].

Historically, pathological examination has shown that the hallmark pathomorphological pre-

sentation of CCI is the presence of focal swellings along neural cellular projections over time

following injury, often referred to as ‘blebbing’ [19,20]. Repeated exposure to head impacts

(e.g., sport-related head contact) has additionally been shown to be positively correlated

with later secondary development of significant tauopathy and reactive gliosis [21, 22]. Ex-

amination and spatial localization of these pathologies within the brain plays a critical role

in the confirmational diagnosis and the delineation of severity for the neurosymptomatic
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Figure 1.2: Experienced Injury Type as a result of Mechanical Strain and Strain Rate The
delineation of strain-based injury tolerance thresholds for primary (mechanical) or secondary (biochemical)
injury pathology is dependent on the strain rate of the applied loading. High strain rate deformations of cells
and tissues display differing strain tolerance thresholds when compared to low strain rate injury [4, 24–26].
The presentation of mechanical and biochemical injury phenomena in in vitro models similarly display a
rate dependence at similar strain magnitudes [4, 25].

presentation of several neurological disorders [23]. Histological comparisons performed by

Shively et. al. of single and chronic blunt TBI to those having been exposed to single, or

repeated exposure to high-rate blast events detail previously unreported focal scarring at

interfaces and within the parenchyma of the brain [18]. These trends, highlighted in Figure

1.2, further re-enforce the importance of mechanical loading rate on CCI outcomes.

With the effects of loading rate on brain injury becoming more widely observed, TBI can

be more specifically, and usefully, classified with respect to different rate-dependent loading

regimes. Broadly, TBI can be considered to originate in several ways including, blunt loading

(at rates of order 100-102 1/s), ballistic loading (at rates of order 102-104 1/s), and blast

loading or directed energy hazards (at rates greater than order 104 1/s) as highlighted

in Figure 1.3 [27, 28]. The examination of these different regimes has revealed a number

of clinical pathologies to be positively correlated with previous diagnosis of TBI including;

Chronic Traumatic Encephalopathy [19,21,29,30], and Alzheimer’s Disease [19,21]. However,

at present these conditions are typically diagnosed and assessed neurosymptomatically with

their full cellular mechanisms remaining incompletely understood. To expand our current

understanding of high-rate injuries at the cellular scale, the work presented in this thesis
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Figure 1.3: Loading Rate-dependent Classification of Traumatic Brain Injury The delineation
of traumatic brain injury by the type of causal mechanical exposure presents important information to the
type of injury pathology that may present within the immediacy of injury as well as over time following
exposure. TBI can be considered to originate in several ways including, blunt loading (at rates of order
100-102 1/s), ballistic loading (at rates of order 102-104 1/s), and blast loading or directed energy hazards
(at rates greater than order 104 1/s) [27,28].

employs localized high strain, high strain rate (103 – 106 1/s) mechanical deformations

consistent with loading rates expected to occur in CCIs of blast and directed energy-based

TBIs.

1.1.1 Blast & Directed Energy-based Traumatic Brain Injury

Blast-induced TBI (bTBI) originates from the exposure of the brain to high-rate shock waves

and associated comorbid injuries originating from blast events (e.g., improvised explosive

devices (IEDs), explosive ordinance, etc.) [27, 31]. Blast TBI is generally divided into four

subcategories termed: primary, secondary, tertiary, and quaternary blast injury [27]. These

subcategories are broken down as follows: primary (non-penetrating) injury corresponds to

the passage of a blast wave through a tissue leading to injury; secondary injury where foreign

objects are brought into contact with the body leading to injury; tertiary injury where the

body is brought into contact with a surface/object like a vehicle or wall; and quaternary

injury which encompasses all other associated injurious effects (e.g., smoke inhalation, and
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thermal injuries) [27]. Despite awareness and efforts to treat mental health conditions as-

sociated with brain injury since WWI, TBIs did not become a focus of military medicine

until the 1990s [27]. Blast TBI has only more recently become a specific focus of medical

research during the U.S. wars in Iraq and Afghanistan with the increased risk of exposure

to Coalition warfighters with an increased use of IEDs in conflict zones [32]. The Defense

Veterans Brain Injury Center indicates that during the wars in Iraq and Afghanistan 2,700

U.S. troops have experienced a mild TBI, with hundreds of thousands (at least 30% of active

combat troops) having experienced a TBI as a result of exposure to IED blast waves [32].

Attempts to understand and study bTBI classically attempt to isolate each individual

injury type to assess the effects of the different portions separately [33,34]. For example, pri-

mary injury is typically studied in model systems with use of shock-tubes where experimental

systems are exposed to simplified waveforms generated through either compressed-gas or the

detonation of small explosive charges distal to the sample [33,35]. These experimental wave-

forms attempt to replicate open-field exposure to shockwaves by generating a single large

amplitude pressure pulse, or over-pressure, followed by a negative pressure region [31]. The

full waveform persists for several milliseconds and is commonly described by the Friedlan-

der waveform [31]. Early work has indicated that the full extent of the neurosymptomatic

effects observed in bTBI cannot be explained fully by the exposure to a peak over-pressure

alone [18, 27, 31]. Changes in hydrostatic pressure on cells have been shown to result in

a heterogenous and temporary cessation of cellular signaling and neuronal activity [36].

Additional experimental and modeling work has indicated that through the spallation and

reflection of pressure waves within the head the generation of cavitation, or spontaneous

bubble nucleation within the tissue, is possible [9, 31]. Inertial cavitation events are well

known to the physics community to be highly destructive and could, in theory, result in

significant local material deformation at high strain rates within the brain [37].

Pressure changes and the induction of cavitation within tissues, specifically within the

central nervous system (CNS), have recently become the subject of much conjecture with the

advent of the novel neurological syndrome, Havana Syndrome [38, 39]. Havana Syndrome,

first reported in U.S. diplomats in Cuba in 2016, is speculated to be the result of the targeted
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attacks through the use of sonic or microwave weapons platforms, and has led to a resurgence

in interest to understand the effects of directed energy weapons systems on the human

body [38]. Directed energy (DE) weapons systems consist of a family of platforms involving

the weaponized use of focused sonic, laser, or microwave irradiation technologies [38–40].

Despite the controversial nature of both cavitation in the brain, and Havana Syndrome, the

effects of focused energy technologies are quite well qualitatively understood when harnessed

intentionally [39]. The use of focused (directed) energy technologies in medical applications

is increasingly widespread. Techniques such as diagnostic [41–43] and therapeutic ultrasound

[44–47] and laser-based ablation methods [48,49] are commonly used in an array of medical

procedures, from tumor resection to corrective surgery for glaucoma. Despite the qualitative

understanding and use of DE in medicine, little is quantitatively known about the injurious

mechanisms employed in these techniques on tissues [50]. In these techniques, the focused

use of the destructive power of cavitation and the high strain rates imparted to target

tissues is well documented, however, only recently has exploration into their use in the brain

begun [51].

The neurosymptomatic and pathological presentation of directed energy TBI has been

described as unique from that of low-rate TBI similarly to the unique presentation of blast

exposure [18, 38]. With the increased focus on high-rate loading, it is then also important

to understand how these loads are physically experienced by the cells; to this end an under-

standing of the structural arrangement of the cells of interest and their cytoskeletons must

be examined.

1.2 The Structural & Cytoskeletal Organization of the Neuron

Within the nervous system the neuron is generally considered the principle functional unit

and is the focus of discussion for a large portion of the peer-reviewed literature studying the

cellular effects of TBI [4, 7, 52–54]. When considering the effects of a mechanical load on

the CNS as a complete soft tissue, however, it is important to concern ourselves with not

only the neuron, but also the supporting cells of the brain like glia, myelinating cells (e.g.,
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oligodendrocytes in the CNS), as well as the diverse vasculature that supports the demands

of the highly metabolically active brain [55]. As the predominant type of cell employed in

the in vitro hydrogel models discussed throughout this thesis is the neuron, the discussion in

this section will focus on the description of stereotypical neuronal structure and cytoskeletal

organization [56].

To discuss the injurious effects of abnormal mechanical loading on the neuron it is im-

portant to understand the physical organization of both the neuronal structure and its

cytoskeleton. The structure of the neuron is dependent on several factors including the

origin of the cell (e.g., the central or peripheral nervous system; PNS), as well as the sig-

naling target distal to the cell body (i.e., the structure and organization of an interneuron

differ from that of an efferent neuron originating in the motor cortex) [57]. Many in-depth

reviews and texts are available which provide examinations of the organization and function

of the cytoskeleton of different types of neurons in much greater detail than will be discussed

here [57, 58]. Beginning with the earliest description of neuronal form by Ramon y Cajol

in 1909 the differentiation of neuronal type and function has been determined based on the

overall form and structure of the cell [58]. This structural organization is often dictated by

the cytoskeleton [57]. The cytoskeleton of any cell, especially the neuron, is a diverse inter-

connected network of filamentous and globular proteins that allow a cell to support complex

functions both intra- and extracellularly. The cytoskeleton plays a major role in a wide

array of cellular processes, including compartmentalization of the cell into functional units,

intracellular organization of organelles, the trafficking of proteins, providing for structural

integrity, the transduction of forces, in addition to many others. For brevity, discussion here

will be limited to the organization of sub-compartments common to most neuronal sub-types

with emphasis on several key cytoskeletal components and associated proteins.

1.2.1 The Structural Organization of the Neuron

The typical neuron can be subdivided into two major sub-compartments, a soma (or cell

body) with many neurites (cellular projections) protruding from the cell body. A schematic

of a stereotypical neuron and the structural organization as discussed in more detail below
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Figure 1.4: Neuronal Superstructure and Cytoskeletal Schematic Schematic
overview of neuronal superstructure and cytoskeleton. Cytoskeletal organization of ma-
jor cytoskeletal components in the (a)axon and (b)dendrites of a stereotypical neuron. (C)
Schematic of cellular integrin connection to the ECM.
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can be seen in Figure 1.4. The cell soma is home to major organelles like the nucleus and

endoplasmic reticulum and handles most of the protein transcription and translation for

the cell. The neurites fall into two families: the dendrites (Figure 1.4b), and the axon

(Figure 1.4a) [57]. Dendrites are shorter, highly branched neurites extending from the

soma enabling the cell to communicate with neighboring cells as a form of receiver network,

providing for mostly incoming signal propagation, and limited outgoing signaling [57, 59].

Dendritic trees, often called dendritic arbors, are broader at the base and thin with each

subsequent set of branches [59, 60]. Alternately, the axon extends from a large protrusion

of the soma, termed the axon hillock, and forms a single long projection which forms few

branches near its terminus at the synaptic junction. This junction acts as the primary

avenue of outgoing signal transduction for the cell employing neurotransmitters as signaling

molecules between the neuron and neighboring cells [57]. The axon, in addition to axonal

bifurcations, maintain a relatively consistent caliber, or diameter, throughout its length [57].

In both the native CNS and PNS, the axon is usually wrapped in a myelin sheath by

either oligodendrocytes or Schwann cells, respectively [57]. Myelination, coupled with a

consistent axonal caliber, enables the axon to efficiently propagate voltage-based action

potentials over great distances [61]. The delineation of these sub-compartments is primarily

governed by the development of the cytoskeleton due to internal and external signaling

queues during synaptogenesis and maturation of the cell [57]. The specific protein make-up

of the cytoskeleton in these compartments is important for the specialization of neural cell

types and sub-compartment specification [62].

1.2.2 The Neuronal Cytoskeleton

The cytoskeleton of the neuron consists of a mixture of microtubules (MTs), microfilaments,

and intermediate filaments (IFs), in addition to an array of associated proteins organized

to preform specific functions [57]. Microtubule filaments are hollow dimeric cylindrical fil-

aments consisting of repeating units of α- and β-tubulin monomers [61, 63]. Commonly

existing in a dynamic state of polymerization and de-polymerization, MTs develop a dis-

tinct polarity that serves as both a protein and organelle trafficking network in addition
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to a structural element within the neuron [61, 63]. This polarity differs between axons and

dendrites. Within the axonal sub-compartment, organization of MTs is such that the pos-

itive—or polymerizing—end of an individual MT is always oriented away from the soma

towards the synapse [61, 63]. Microtubules form multi-filament bundles along the length of

the axon connected by several protein families including the microtubule-associated protein

(MAP) family [63]. Microtubules within the dendritic arbor are randomly oriented along

the length of the projection and are in a constant state of rearrangement in response to

cellular signaling [59,61]. As in the axon, MTs in the dendrite are associated as bundles and

to other structural proteins through the MAP protein family [61,62]. While the population

of MAPs in the neuron is diverse, dendritic versus axonal sub-compartment identification is

commonly achieved through the identification of specific MAPs within the cell (i.e., MAP2

is specific to dendrites, and Tau protein is specific to the axon) [57,62,63]. MT number and

packing density within dendrites and the axon is dependent both on the type and function

of the specific neuronal cell type being considered, though estimates indicate that axonal

sections can maintain ∼10-100 MTs [63].

In addition to microtubules, microfilaments (e.g., filamentous actin; f-actin) play an

important role in the maintenance of the neuronal cytoskeleton and on protein traffick-

ing [57]. Filamentous actin, a major microfilament in the mammalian cells, is a linear

polymer microfilament composed of monomeric globular actin (g-actin) and is associated

with other cytoskeletal components including MTs and IFs through an array of accessory

proteins including the MAP family [64, 65]. Seminal super-resolution microscopy examina-

tions of the f-actin cytoskeleton by Xu et. al. in 2013 revealed a highly complex structural

organization of f-actin within the mature neuron that differs with localization to either the

axonal or dendritic sub-compartments [64]. The axon of the neuron contains f-actin in the

form of uniformly spaced, concentric rings of f-actin filaments, associated with periodically

spaced adducin proteins along their circumference (Figure 1.4a) [64]. These ring-shaped

actin-adducin co-filaments form an alternating periodic structure with the actin-associated

microfilament protein spectrin [64]. The resulting ring-to-ring spacing of this structure is

∼180—190 nm [64]. Organization of actin filaments in the dendrites of the neuron takes
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the form of linear fibers aligned with the dendritic shaft that are closely associated to the

plasma membrane (Figure 1.4b) [64,66]. F-actin in the dendritic portion of the synapse, or

the dendritic spine, forms short interconnected filaments closely associated with the ends

of MTs and IFs [66, 67]. The microfilament-associated protein ankyrin serves to link actin

filaments to the cellular membrane at focal adhesion sites, as discussed later [64].

The final major category of proteins that make up the neuronal cytoskeleton are inter-

mediate filaments [57]. Intermediate filaments are a broad classification of filaments that

form close associations with other cytoskeletal components within the cell. Several in-depth

reviews of IFs are available that cover these components of the cytoskeleton in greater de-

tail within neurons and glia [68, 69]. Intermediate filaments are highly specific to neural

cell type and are commonly used in their delineation, as with glial fibrillary acidic protein

(GFAP) used to identify astrocytes within culture [56]. Neurofilaments, a subset of highly

cross-linked IFs, are long polymeric coiled proteins common to neural cells (including the

neuron) [68]. An examination of neurofilaments (NF) within the neuron has shown that

near the cell membrane IFs form a highly crosslinked mesh with α-internexin along the

circumference of the axon [68]. The neurofilaments in this mesh have been shown to in-

clude neurofilament-light (NFL), neurofilament-medium (NFM), and neurofilament-heavy

chain (NFH) [70]. NFs have been shown to play an important, but not exclusive, role in

determining the diameter of the axon [70, 71]. NF localization within the neuron exist in

many different phosphorylation states suggesting that NFs play a more complicated bio-

logical role than simply the maintenance of axonal caliber and represent an active area of

research [70–72].

The dynamic cytoskeleton of the neuron is associated to the extracellular environment

through several families of transmembrane proteins which govern the type of cellular inter-

actions formed with the surrounding extracellular environment (i.e., cell-to-cell, or cell-to-

extracellular matrix) [57,73,74].
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1.3 The Cellular Interface with the Extracellular Space

The connection, and interaction, of a cell with the extracellular environment is controlled by

several so-called protein ‘superfamilies’ that control cell-to-cell, cell-to-extracellular matrix

(ECM), and cell signaling interactions [57, 73, 74]. These protein ‘superfamilies’ include

cadherins, integrins, selectins, proteoglycans, and IgCAMs [57, 75]. Here, discussion will

focus on a pseudo structural examination of major cell-to-cell (cadherin-based) and cell-

to-extracellular matrix (integrin-based) interactions as the most thoroughly characterized

avenues for biomechanical force transmission into and out of the cell [73, 74]. A complete

understanding of the cellular interaction with the extracellular space should not, however,

neglect the potential for force transmission from other protein ‘superfamilies’. Nor neglect

the role of cadherins and integrins in cellular signaling and functional specification with

respect to cellular fate and function during injury in the native CNS or static in vitro

cultures [73, 74]. A schematic of generalized integrin-ligand interactions can be seen in

Figure 1.5; box (b), which ha been adapted from the literature to highlight the neuron

specifically [73, 74]. Several excellent reviews of cadherin and integrin interactions exist

that address cell adhesion in greater detail and are excellent references for understanding

the complex protein interactions networks and signaling cascades that can occur within

adherin junctions (AJ) and focal adhesions (FA) [73, 74]. A brief examination of integrins

and cadherins will be presented here as a primer on the subject.

1.3.1 Cell-to-cell Connections Through Cadherins.

The cadherin ‘superfamily’ of transmembrane proteins is generally responsible for the forma-

tion of cell-to-cell adhesions known as the adherin junction (AJ), or the adhesome [74]. These

proteins consist of an intracellular domain, a transmembrane domain, and five extracellular

subdomains [74]. Prior to the formation of an initial cell-to-cell connection, cadherins exist

dispersed across the cell surface [74]. Upon interaction with a cadherin of an adjacent cell

the local concentration of cadherins increase reinforcing the junction through the formation
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of additional interactions in a Ca2+-dependent binding cascade [74,76]. Subsequent recruit-

ment of a multitude of proteins (∼170 reported; reviewed elsewhere [74, 76]) result in the

formation of plaques at the intracellular domain of the cadherins which associate the AJ with

internal cytoskeletal components including, f-actin, microtubules, intermediate filaments,

and other intracellular structures [74]. While examination of the dynamic AJ-to-cytoskeleton

structural connection remains incomplete, many cytoskeletal-associated proteins have been

shown to inhabit AJs, reviewed in detail by Yonemura et. al. in 2011 [76]. Briefly, several

notable actin- and microtubule-associated proteins have been shown to play critical roles in

the connection of the AJ to the cytoskeleton for the transduction of forces [74, 76]. These

include the accessory proteins α-catenin, β-catenin, p120-catenin, and vinculin [74, 77]. α-

catenin, β-catenin, and vinculin have been shown to support a force dependent linkage in

the association of the AJ with the f-actin cytoskeleton [76]. In this way, α-catenin is bound

to intracellular domain of the cadherin, and β-catenin is bound to f-actin and are connected

through a tension-dependent recruitment of vinculin to the AJ [77]. Microtubule connection

to the AJ has been shown to include minus-end association of p120-catenin through several

associated AJ components [74]. Further, β-catenin has been shown to associate with the

plus-end of microtubules through dynein motor protein binding [74]. Notably, discussion

here will neglect much of the well-documented role of motor proteins (e.g., myosin II/IV

and dynein) in the AJ. Motor proteins have been shown to enable the generation of forces

from the cell outward and play an important role in the maintenance of cortical tension [57].

Force transduction at the AJ is generally studied within the context of developmental biol-

ogy and the potential role of cadherins as a force transduction pathway in TBIs is generally

underrepresented in the literature [74, 76]. Much of the literature on force-based cellular

injury in TBI is focused on in vitro models that rely primarily on integrin-ECM loading

despite cellular density in the CNS being estimated to be of order 105 cells/mm3 [78]. At

this density of cells, force transduction through the AJ represents a potentially important

avenue for force-dependent injury in these cells. This apparent bias is likely due to diffi-

culties in generating and maintaining high cellular density experimental systems capable of

faithfully replicating the native CNS ex vivo [78].
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Figure 1.5: Integrin Interactions within the Brain (a) Integrin domain structure. (b)
Integrin Connectivity in the brain. Adapted from [73,74]
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1.3.2 Cell-to-Extracellular Matrix Connections Through Integrins.

Similarly to that of the cadherin literature, integrin-based force transduction through the

formation of focal adhesions is well documented and several substantial in-depth reviews

of the subject are available [73, 79–81]. In contrast to cadherins which associate with like

structures of an adjacent cell, integrin-based binding to the ECM is dependent on the pre-

sentation of a binding motif, or ligand, on an ECM protein in the extracellular space [73].

The specific constituents that make-up the extracellular space of the brain is dependent not

only on the types of cells present, but the specific localization of the cells or structures of

interest [82]. The extracellular space in the brain is believed to consist of approximately

four-fifths cellular material with only one-fifth consisting of ECM proteins [83]. The specific

localization and types of extracellular proteins have been discussed at length elsewhere [57].

Briefly, the neural ECM contains a spatially variant mixture of many proteins including

fibronectin, laminin, collagen type-IV, and hyaluronic acid, in addition to various proteogly-

cans and linker proteins [84,85]. As integrins are generally considered the primary mode of

extracellular adherence for cells to the ECM, they exist in sufficient diversity as to match the

diversity of ligands (i.e., ECM protein binding domains) that exist in biology [73]. Consid-

ering this diversity and the fact that this thesis focuses on cellular injury within the context

of the CNS, the discussion in this section will be limited to the integrin-ligand interactions

currently known to be available to cells in the CNS. Special emphasis will be placed on

discussion of integrins shown to enable neuronal association with the ECM proteins.

Integrins are a dimeric transmembrane protein consisting of an of α and β subunit [73].

Each subunit contains a large extracellular domain, a single transmembrane domain, and

a small intracellular domain [73]. There are currently a total of 24 α-β combinations that

have been described at the protein level, a schematic of the structure of general integrin α/β

pair can be found in Figure 1.5a. Integrins are separated into four families, those which are

RGD-binding integrins, those that are LDV-binding, those containing an A-domain on the

β1 subunit, and those that are non-αA-domain-containing laminin binding integrins [73].

Integrins capable of binding ligands of major extracellular matrix constituents of the neural

microenvironment (18 known, in total) can be found summarized in Figure 1.5b, in addition
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to the ligands available on collagen type I for cellular adhesion [86,87].

As with cadherins, prior to contact with an appropriate ligand on the extracellular

space, integrins exist as individual protein complexes dispersed across the cell membrane

and upon binding recruit additional integrins to form a nascent, or early, focal adhesions

[73]. The binding of an integrin to a ligand of the ECM is dependent on the presence of

divalent cations (i.e., Ca2+, and Mg2+) [73]. As the focal adhesion develops, the cytoplasmic

domain of the β subunit associates with intracellular proteins (over 200 known; reviewed

elsewhere [88]) to form a plaque that associates the FA to the cytoskeleton [73, 89]. Most

focal adhesions are believed to primarily associate with the f-actin cytoskeleton through

‘anchor’ proteins known to facilitate a force-sensitive linkage between the β subunit and the

actin cytoskeleton [89]. Some of these anchor proteins include ankyrin, talin, filamin, and

α-actinin which associate either directly with the f-actin cytoskeleton or indirectly through

the recruitment of additional proteins like vinculin [73]. Many integrins are capable of

binding to multiple ECM proteins through similarities in binding motifs expressed across

many ligands’ protein structure [57, 73]. For example, one of the most common integrin

binding motifs is the tripeptide Arg-Gly-Asp (RGD) ligand motif, which many different

integrins can associate to with varying degrees of affinity [73]. Integrins, as with all cell-to-

extracellular space linkages maintained by neural cells, exist as an active signal transduction

pathway modulating cellular responses to external stimuli and affecting the extracellular

environment through the generation of forces [57,73,75].

While more broadly studied from an injury standpoint than the AJ, FA complexes re-

main primarily understood as a mechanotransduction signaling pathway from a homeostatic

biology or force generation standpoint (Figure 1.4c) [75]. The literature understanding of

FAs for the transduction of abnormal loading to a cell from the extracellular environment

remains naïve [75]. Previous in vitro studies that rely on integrin-based associations of

cells to substrates have examined the tensile response of neural cells to mechanical injury.

These studies have shown that tensile deformations elicit increased levels of kinase activity,

namely, SRC-kinase, and Rho/ROCK-kinase activity [90,91]. Indeed, a wealth of literature

exists indicating that abnormally large mechanical loading of cells can activate an array
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of downstream biochemical pathway activities occurring over several hours following injury

(e.g., generation of excess reactive oxygen species, and apoptosis) [4,7,75,92]. Despite these

observations, the specific connection of downstream biochemical cellular injury pathology

and its root mechanical deformation-based trigger remains, to date, largely unknown [75].

1.3.3 Electrostatic Gradient Modulation through Ion Channels

In addition to cytoskeletal association to the extracellular space through transmembrane

proteins like cadherins and integrins, the cytoskeleton associates itself with the cellular

membrane and associated transmembrane proteins like ion-channels. While this thesis does

not specifically measure or assess signaling activity (or the disruption thereof), as a protein

family that plays a critical role in neural cellular function this primer would be remiss to

exclude the discussion of ion-channels as a potential mechanically sensitive source of cellular

injury.

Ion channels, a type of transmembrane ionophore, as well as other cell membrane trans-

port molecules are amphiphilic protein structures that facilitate the transfer of ions and

proteins across the cellular membrane. In the neuron a diverse array of transmembrane

proteins facilitate the generation and propagation of chemo-electric voltage potentials, or

action potentials, over exceptionally long distances [57]. Stereotypically, an action potential

is propagated along the axon to the synaptic terminal through a modulation of intra and

extracellular concentrations of calcium, sodium, and potassium to generate a transmem-

brane electrical (voltage) potential [57]. At the synapse of the neuron and a neighboring cell

these voltage potentials enable the release of various neurotransmitters, including glutamate,

dopamine, and serotonin, among others into the extracellular space through voltage-gated

channels [57]. Ionophores are a widely studied class of proteins; the general diversity, bio-

chemical function, and the specific dysregulation of individual channels have been previously

examined in detail elsewhere [93, 94]. For the purpose of this primer, discussion will be fo-

cused on general cell membrane biology with special emphasis placed on ionophores, like

ion-channels.

As with the cytoskeleton, the organization, protein density, and diversity of ionophores
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in the cell membrane vary spatiotemporally depending on both the type of neuron examined,

and the specific extracellular cues an individual cell receives from the microenvironment [57].

Along the length of the axon, myelin sheaths envelope the cell membrane and partition

regions of high-density ionophores into the so-called nodes of Ranvier [57]. This densification

is believed to allow for more uniform signal propagation among other biological cues for the

cell [57]. As a form of both incoming and outgoing signaling, the function of transmembrane

proteins, including ionophores, in cell-to-cell communication provide essential chemical cues

for neuronal survival [92]. Disruption to the proper function of ion channels, and more

broadly, dysfunction of the cell membrane they inhabit are common targets used to assess

the health of neural cell populations following injury [95, 96]. For example, the disruption

of cellular signaling at high loading rates has been shown to exhibit a transient stall of

signaling under high-rate blast conditions where it is theorized that dramatic variations

in hydrostatic pressure disrupt the function of these proteins [36]. While several directly

mechanically-gated ion channels in the CNS have been described (namely piezo1 and 2)

which rely on mechanical force for normal operation, most ionophores have been shown to

operate as forms of either active or passive membrane transport [97]. Despite the general

mode of operation being typically chemical in nature, ionophores have been shown to closely

associate with cell-to-extracellular space junctions and the cytoskeleton through proteins

like ankyrin [57]. These close-associations have been shown to induce increased membrane

transport in response to extracellular mechanical stimuli and the association of ionophores

to cellular connections in the extracellular space serves to coordinate and support cellular

signaling in different portions of the cell (e.g., Na+ and K+ ion channel localization in the

nodes of Ranvier) [57].

In the TBI literature, disruptions to signal propagation have classically been demon-

strated to be perturbed through a transient mechanical disruption, or poration, of the cell

membrane [7,95]. The cell membrane, consisting of a lipid bilayer, acts as a partially water-

free exclusion layer between the cytoplasmic and extracellular spaces for the cell. The lipid

bilayer is associated to the cytoskeleton through actin-associated proteins like ankyrin, and

directly through associations to spectrin I/II molecules [57]. This attachment is not fixed
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in nature, but instead the lipid bilayer allows for lipid-flow and the diffusion and recruit-

ment of many lipid-bound and transmembrane proteins across the surface in a fluid-like

manner [57]. A disruption to the membrane integrity through mechanical force, or so called

mechanoporation, allows for the free flux of ions across the normally semi-permeable cell

membrane resulting in disruption of ion gradients and a dysregulation of cellular signaling

capabilities [95]. It remains an area of active interest to determine both the amount and

type of abnormal mechanical loading that disrupts cellular signaling and results in significant

negative biochemical pathway activation beyond which a cell cannot recover.

1.4 Accomplishments

This thesis presents the first quantitative experimental measurements of neural cellular

projection and structural failure providing unprecedented levels of new detail into the cellular

pathology of neural cells affected by high-rate injury. The thresholds derived in this work

represent the first experimentally derived quantitative high-rate injury threshold metrics for

neural cell and major neural cellular cytoskeletal components including filamentous actin,

β3-tubulin, and microtubule associated protein 2 (MAP2) at average loading rates on the

order of 103 - 103 s−1.

Chapter 2 provides in-depth protocols for the creation of healthy 3D in vitro collagen-I-

based hydrogels of interconnected neural cells are explored. Furthermore, protocols for the

non-destructive immunological examination of large hydrogel constructs is described, allow-

ing for the preservation of spatial fidelity with respect to the deformed cellular configuration

in injured cellular constructs. It then provides an exploration of the inertial cavitation ex-

perimental platform employed as primary mode of cellular injury in this thesis. Finally,

the general governing assumptions of the inertial microcavitation analytical framework are

described to validate the selection of data for continued analysis as described in detail in

chapters 3.

Chapter 3 utilizes the experimental methodologies expanded upon in Chapter 2 to de-

scribe the first experimentally derived high rate neural cellular injury tolerance thresholds.
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The radius of total cellular disruption, RPI, under high rate cavitation-based mechanical

loading is described. Immunological staining protocols are employed to highlight the cy-

toskeletal architecture of neural cells in order to quantify the stretches, strains, and strain

rates required for neural projection failure. Discussion of the susceptibility of different

sub-cellular compartments to mechanical stretch-induced failure is examined through im-

munolabeling of β3-tubulin and MAP2. Finally, estimates of stress-based cellular injury

tolerance thresholds are provided.

Chapter 4 opens the primary injury thresholds, explored in Chapter 3, to the discussion

of more complex cellular microenivronments through the incorporation of a Matrigel-based

3D in vitro cell culture model. The efficacy of Matrigel platforms for neural cell culture

and cavitation-driven high rate mechanical deformations are considered and the feasibility

of continued use of this platform is discussed. Observations of the integrin-dependence of

primary mechanical injury, as in chapter 3, are examined and show good general agreement

with previously established trends.

Chapter 5 summarizes the thesis and discusses suggestions for future examinations of

relevant topics for neural cellular injury delineation.



Chapter 2

Extended Methodology for Inertial

Microcavitation-assisted high-rate

mechanical loading of cellular

constructs

Note: Portions of this chapter have been published. All data and figures in-

cluded are done with co-authors’ consent.

Scimone MT, Cramer HC III, Bar-Kochba E, Amezcua R, Estrada JB, Franck C. "Mod-

ular approach for resolving and mapping complex neural and other cellular structures

and their associated deformation fields in three dimensions". Nat. Protoc., Volume 13,

3042–3064, 2018, DOI: 10.1038/s41596-018-0077-7.

Estrada JB1, Cramer HC III1, Scimone MT, Buyukozturk SB, Franck C. "Neural cell

injury pathology due to high-rate mechanical loading". Brain Multiphys., Volume 2, 2021,

100034, DOI: 10.1016/j.brain.2021.100034.
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Yang J, Cramer HC III, Franck C. "Extracting non-linear viscoelastic material properties

from violently-collapsing cavitation bubbles". Ext. Mech. Lett. Volume 39, September

2020, 100839. DOI:10.1016/j.eml.2020.100839

2.1 Introduction

High fidelity in vitro studies of TBI can offer high throughput, and highly controllable

environments with repeatable outcomes. To date, many conventional in vitro methods

utilize two-dimensional (2D) culture environments, which have been shown to be incapable

of reproducing some of the salient features of neural structures found in vivo. 2D models do

not accurately represent the interstitial space of the brain, where neuronal cells exist in a 3D

interwoven mesh [98,99]. To better model the structure of the brain, there have been many

3D in vitro neuronal culture systems documented, ranging in complexity [100]. Organotypic

slices (sometimes categorized as ex vivo because they are obtained from a live animal) contain

the same architecture as the native brain, only lacking vasculature perfusion; accordingly,

they are an attractive culture platform [101,102]. Self-organized organoids are an alternative

model that have been shown to recapitulate much of the complexity observed during brain

development [103–105]. Whilst organotypic slices or in vivo systems can replicate the in

situ brain structure, heterogenous loading can be experienced on a cell-to-cell basis, which

can make correlations of biological outcomes to measures of cellular strain challenging.

Many in-vitro neuronal models are established by seeding cells into a 3D matrix of

extracellular matrix (ECM) proteins. Many different scaffold materials have been used (see

the book chapter by LaPlaca et al. in [78] for a table of examples) including synthetic

polymers such as polydimethylsiloxane (PDMS) [99] and poly(L-lactic acid) (PLLA) [106],

and biological substrates, such as Matrigel [78], different types of collagen [107], and laminin

in conjunction with other substrates like PDMS and microbeads [107–109].

3D in vitro hydrogel models that use Matrigel [6] can achieve a cell viability approaching

95% [78]. However, Matrigel consists of isolated basement membrane and can vary in rela-

tive protein and growth factor concentration. Furthermore, the presence of different fibers
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can lead to local inhomogeneities in both the distribution of the physical structure of the

gel as well as in the distribution of ligand density and type. The native brain consists of

primarily hyaluronan, proteoglycans, and tenascins, with small amounts of other adhesive

proteins such as fibronectin and laminin. Moreover, in some regions, the composition may

be much more complicated and varied, with at least 17 different matrix proteins occupy-

ing the brain ECM in some way [109]. Some research suggests that a substantial amount

of mechanosensing and mechanotransduction in the brain occurs intercellularly through

connexins or pannexins [109–112]. To achieve physiologically matched intercellular mechan-

otransduction the seeding density needs to be much higher. However, regions of necrosis

can be a problematic obstacle in 3D in vitro systems with very high seeding densities that

rely solely on diffusion for nutrient delivery.

Because our study required the imaging and resolution of single cells by confocal and

multiphoton microscopy, we selected an optically transparent scaffold material in which to

grow our cells [113]. We used primary cortical tissue, harvested from the basal forebrain

from P0-P2 Sprague-Dawley rats embedded in a 3D collagen-I hydrogel. In addition to

being optically transparent, type-1 collagen was used because the fibers form a relatively

homogeneous substrate that neurons and glial cells alike can bind to using the canonical

α1β1 and α2β1 integrins. Using immunofluorescence staining, and confocal or multiphoton

microscopy these cultures have been shown to contain mature neurons, astrocytes, and

neural progenitors as seen in Figure 2.1. The concentrations and antibodies to label cell

can be found in Table 2.1 The culture contains some cells which co-express β3-tubulin

and nestin, markers that have been historically classified as neuron-specific and progenitor-

specific, respectively. Co-expression of nestin and β3-tubulin has been shown to occur in

class III rat cells found primarily in the basal forebrain and in differentiating neuronal cells

in the human subventricular zone [114, 115]. Staining of cells harvested using this protocol

but plated on a 2D surface of laminin showed a limited number of cells positive for CD11B

and O1, indicating the presence of microglia and oligodendrocytes. However, these cells

were not observed in the 3D collagen gels.
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Table 2.1: Immunolabeling probes for cell typing

Antibody Target Species Manufacturer Catalog No. Conc.
Primary Antibodies
anti-β3-tubulin Mouse (IgG) Biolegend 801201 1:100
anti-GFAP Rabbit (IgG) Aligent Tech. Z0334 1:100
anti-O1 Rabbit (IgG) EMD Millipore MAB344 1:500a

anti-nestin Rabbit (IgG) EMD Millipore MAB353 1:100
anti-CD11b Rabbit (IgG) EMD Millipore CBL1512 1:500a

Secondary Antibodies
Anti-Rabbit AF488 Goat ThermoFisher Sci. A11008 1:200

Anti-Mouse Cy5 AffiniPure Goat Jackson Im. Res. 115-175-146 1:200
aConcentrations referenced are for 2D immunostaining staining, These cell types were not observed in 3D

Figure 2.1: Maximum intensity–projected confocal micrographs showing immunofluorescent
signals of cells. Cells positive for β3-tubulin (TUBB3; green), a neuronal-specific marker; GFAP (green),
an astrocytic-specific marker; and nestin (green), a marker specific to neural progenitors, are shown. All
cells were counterstained with phalloidin (red) to show the actin cytoskeleton and DAPI (blue) to show the
nucleus. Scale bar, 50 µm. Reproduced from Scimone et al. Nat. Protoc. 2018

[56].
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A potential criticism of the culture platform we use is that collagen-I does not ap-

pear natively in the brain. However, neurons and glial cells can bind to collagen-I via the

α1β1 and α2β1 integrins [86, 87, 116, 117]. Mechanotransduction through this integrin has

been well documented [118–120] and collagen-I has been used widely as a scaffold in 3D

in vitro cultures in the past [121–124]. The homogeneity of the hydrogel leads to high

levels of experimental repeatability. However, this simplification does not truly represent

the heterogeneous tissue architecture found in the brain. The ECM of the brain is quite

heterogeneous, resulting in each cell’s connectivity being potentially unique, the implication

being that vulnerability to mechanical insult can vary [120]. By using collagen-1, we ensure

that the population is experiencing homogeneous loading. In doing so, our model affords

an attractive repeatability for investigating neuronal injury from a reproducible mechanical

standpoint.

2.2 Formation of large 3-dimensional collagen type I hydrogel-

based cellular constructs

2.2.1 Cell Culture Platform

The hydrogel platform used in the majority of this thesis is a collagen-I hydrogel cast in

the inset wells of a glass-bottomed 48 well plate (Mattek, Ashland, MA). The resulting

hydrogel is a 6 mm in diameter, and ∼ 2 mm in height cylinder and does not require

chemical adherence to the glass-bottom of the well plate. It is of note that, as with the use

of Matrigel in chapter 4, the culture system will support all hydrogel cell culture systems,

provided they polymerize sufficiently to fill the inset well. As compared with the cell culture

platform outlined in Scimone et al. Nat. Protoc. 2018 that this platform is based on, the

smaller sample geometry employed in this work negates the nutrient diffusion limitation

issue present in larger free-standing hydrogels that results in a large necrotic core in the

center of the sample [56]. The glass-bottom of the imaging dish is a No. 1.5 coverslip, which

while optically transparent can present slight issues with light penetration for extremely
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Table 2.2: Reagent List for Dissection, Culture and Immunostaining Protocols

Reagent Manufacturer Catalog No.
Type-I collagen, rat tail Corning 354236
No 1.5 glass-bottom multiwell plate Mattek P48G-1.5-6-F
Papain (lyophilized) Worthing Biochemical LS0003120
Paraformaldehyde (20% (v/v) Thermofisher Sci. 50-980-493
Phosphate buffered Saline (1X) Thermofisher Sci. 70011044
Hibernate-A media Thermofisher Sci. NC9063747
Hibernate-A (−CaCl2) media Thermofisher Sci. HACA
B-27 supplement (50X) Thermofisher Sci. 17504044
Dulbecco’s Modified Eagle Medium Thermofisher Sci. 12430054
L-Glutamine Thermofisher Sci. 25030081
Penicillin–streptomycin Thermofisher Sci. 01378016
Neurobasal-A medium Thermofisher Sci. 10888022
GlutaMAX Thermofisher Sci. 35050061
Fetal Bovine Serum Thermofisher Sci. 10437010
Sucrose Thermofisher Sci. S3-500
Triton X-100 Sigma-Aldrich T8787
Sodium hydroxide (1M) Sigma-Aldrich 221465
Bovine Serum Albumin Sigma-Aldrich A4737

sensitive assays.

2.2.2 Isolation of primary P0-P2 Sprague-Dawley cortical neural cells

The dissection protocol, and its individual steps are described in detail, and troubleshooting

steps are provided in the Nature Protocols publication for this portion of the chapter. All

commonly used solutions are described in Table 2.3, and all required materials are provided

in Table 2.2. Briefly, P0-P2 Sprague-Dawley rat pups are euthanized according to IACUC

approved protocols from the University of Wisconsin, Madison and Brown University. Pups

are cold anesthetized for at least 20 minutes prior to euthanasia through cervical dislocation.

The brain is then removed from the skull under a dissection microscope. The hemispheres

are separated from the cerebellum and the meninges removed in a bath of cold Hibernate A

media (Thermo Fisher Scientific) supplemented with 2% (v/v) B-27 supplement and 0.25%

(v/v) Glutamax (Fig: 2.2). The isolated cortices are then cut into three to four pieces,

placed in a solution of Hibernate A -CaCl2 media (Thermofisher Scientific) with 2 mg/mL
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Table 2.3: Reagent Setup for Dissection & Cell culture Protocols

Reagent Instructions
HA-B-27 media 2% (vol/vol) B-27 and 0.25% (vol/vol) GlutaMAX in Hibernate-

A (HA) medium; store the medium at 4oC for up to 1 week

DMEM slurry Filter DMEM through a 0.22-m filter. DMEM slurry is
2%(vol/vol) L-glutamine, 1% (vol/vol) pen–strep, and 10%
(vol/vol) FBS in DMEM; store DMEM slurry at 20oC for up
to 1 year from most recent manufacture date

Cortical Base Media filter Neurobasal-A medium through a 0.22-m filter. Cor-
tical base medium (CBM) is 1% (vol/vol) pen–strep and
0.25% (vol/vol) GlutaMAX in Neurobasal-A medium; store the
medium at 4oC for up to 1 year from the most recent date of
manufacture among its ingredients

Cortical Complete Media 2% (vol/vol) B-27 and 1% (vol/vol) DMEM slurry in CBM; make
the medium fresh for dissection. Store it at 4oC for up to 1 week

Papain solution 8 mg of lyophilized papain (wt/vol) in 4 mL of HAMC per brain.
A separate tube for each brain is ideal. Prepare the solution fresh
and vortex it.

Fixation buffer 8% (wt/vol) sucrose and 4% (vol/vol) paraformaldehyde in
1×PBS; store the buffer at 4oC for up to 1 week

Phosphate Buffered Triton-
X

0.5% (vol/vol) Triton X-100 in sterile 1× PBS; store PBT at
4oC.

Blocking Buffer Solution 10% Bovine Serum Albumin in 1×PBS. Store at 4oC for up to
1 week

Washing & Staining Buffer
Solution

0.5% Bovine Serum Albumin in 1×PBS. Store at 4oC for up to
1 week
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Figure 2.2: Images of critical steps during dissection and sample preparation. a, Black dotted
lines indicate where to separate hemispheres. b, Black dotted line shows the ridge above the entorhinal
cortex for isolating the desired cortex region. c, Removal of the meninges is performed with tweezers. The
black dotted line outlines the hemisphere, whereas the red dotted line indicates how far the meninges have
been pulled in the image. d, Final isolated cortex with inner layers and meninges removed. e, A group of
isolated cortices. f, Cortices minced before dissociation in papain solution. Modified from Scimone et al.
Nat. Protoc. 2018

(w/v) lyophilized papain (Worthington Biochemical) and incubated at 37oC for 30 minutes,

agitating gently every five minutes. After incubation, 2 mL of supernatant are replaced

with 2 mL of Hibernate A supplemented with B27 and Glutamax as before, the Ca2+ in the

media will inhibit the enzymatic activity of the papain. Each tube is centrifuged at 150×g at

room temperature (∼ 20oC) for 5 minutes, before the supernatant can then be removed, and

the cell pellet resuspended in 7 mL total of cortical complete media (Table 2.3). Through a

pre-wetted 40 µm cell strainer, the cell solution is filtered into a 50 mL conical tube. Once

filtered the cell suspension should then be centrifuged at 150×g once again for 5 minute at

room temperature. The supernatant can then again be removed and resuspended in 3 mL

of cortical complete media before determining the cell density via manual or automatic cell

counting

To determine the cell density using a hemocytometer, first dilute 50 µL of cell sus-

pension in 450 µL of cortical complete media, with an additional 500 µL of Trypan Blue

(Thermofisher Scientific). Allow this solution to rest ∼1 minute before carefully pipetting 10
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µL of solution onto the hemocytometer grid, sandwich the solution between the grid and a

glass coverslip and place on light microscope. Focus the microscope on one of the nine grids,

consistently count every cell within the grid ignoring cells overlapping the outside edge of

the grid, and then count every cell that appears dark blue and record these values. Repeat

this procedure for at least three grid sections before calculating cell density as:

Cell density =
Total No. of cells− Total No. of Trypan Blue cells

No. of grids counted
∗dilution factor ∗ 10, 000

where, the dilution factor is the volume of cell solution (10 µL) over the total mixture volume

(1 mL), following these instructions results in a dilution factor of 20.

To prepare the final collagen-I/cell solution, Calculate the amount of collagen needed to

obtain a final concentration of 2 mg/mL based on the initial concentration. Based on the

amount of acetic acid in the collagen stock solution, the volume of 1 N NaOH needed to

neutralize the solution is 0.023% (vol/vol), per the manufacturer’s protocol. The remaining

volume should be made up of PBS and the cell/CCM suspension, which should be diluted

such that the seeding density is 3,750 cells/mm3 [78]. For example one 48-well plate requires

2.88 mL of total collagen/cell mixture to fill at 60 µL per well. It is advisable to add ∼ 10%

extra volume to avoid the injection of bubbles during mixture and polymerization. The pH

of the mixture prior to pipetting into the well plate should be confirmed, the target pH

should be ∼ 8 − 8.5. It is important to note that pH, as with temperature, and collagen

I concentration will effect the microstructure of the final polymerized gel. Once each inset

well has been cast, allow the plate to polymerize at 37oC and 5.0 % CO2 for 20 minutes

before covering carefully with 300 µL of cortical complete media. Samples should be fed

after the first 24 hours and every 48 hours after that on a consistent schedule for at least

seven days in vitro or until the desired day of use.
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Figure 2.3: 48 well Plate Sample Making Procedure. (a) multipanel sample making procedure
for generation of 6 mm×2 mm cylindrical collagen-I hydrogels in the inset wells of a 48 well plate. 50-60
µL of cell/collagen-I solution is pipetted into the inset well and polymerized for 20 minutes in a humidity
controlled incubator. Samples are cultured for 7 days in vitro and fed every 24-48 hours. (b) Scanning
electron micrograph of the collagen architecture. Scale bar 15.0 µm. (c) 3D confocal micrograph of a
network of cells stained with calcein-AM. Volume dimensions = 509 509 150 µm. Scale bar, 100 µm.
Modified from Scimone et al. Nat. Protoc. 2018

.
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Figure 2.4: Neural Cell Viability at 7,8,9 DIV. (a) Box-and-whisker plot showing the control viability
of the culture platform at 7 d in vitro (DIV; n = 93 distinct volumes), 8 DIV (n = 36), and 9 DIV (n = 31).
No significant difference is seen between datasets using two-way ANOVA. Dotted bands: median; top and
bottom boxes: upper and lower quartiles, respectively; whiskers: 5th and 95th percentiles.. (b) Represen-
tative maximum intensity–projected confocal micrograph of cell population after 7 d of culture. Healthy,
live cells are stained green by calcein-AM, and dead cell nuclei are stained red by ethidium homodimer-1
(EthD-1). Scale bar, 100 µm. Reproduced from Scimone et al. Nat. Protoc. 2018 [56].

Successful completion of the cell culture protocol will yield a collagen I hydrogel with

a viable interconnected network of cells consisting of neurons, astrocytes, and neural pro-

genitors. See Figure 2.4b for a representative maximum intensity–projected confocal micro-

graph of cells stained with calcein-AM, as well as viability data (Figure 2.4a). Cells will

form networks; for examples, see Figs. 2.3c and 2.4b. If the collagen concentration and

polymerization environment (e.g., temperature, humidity, pH) are followed as described in

this protocol, the gel should consist of a dense network of randomly oriented fibers averaging

175 nm in width. Collagen fiber width can be measured via scanning electron microscopy

(SEM) and confocal reflectance imaging. The cells embedded can attach to collagen I via

the α1β1 and α2β1 integrins. See Figure 2.3b for a scanning electron micrograph of a gel,

which shows the collagen architecture.
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2.3 Microscope-based laser-induced inertial microcavitation

experimental platform

With a culture platform in hand, reproducing resolvable, high-rate mechanical deformations

at the cellular level remains challenging. For example, traditional approaches for mechan-

ically loading cellular constructs at high-rates (i.e., those relevant to blast TBI) generally

rely on use of shock, or blast tubes [27]. These techniques employ shaped explosive charges,

or pressure devices distal to the sample to deliver a pressure wave to load the sample and

rely on external measurements of the shape of the applied pressure to relate sample injury

to quantitative metrics [125,126]. As the measurement is distal to the sample, and the refer-

ence configuration of the cells within the tested cellular construct is unknown, quantitative

cellular scale injury metrics are challenging to interpret [56]. Previous work has highlighted

techniques for the segmentation of cells following mechanical injury in vitro [4,56], however,

these techniques still primarily rely on measurements of cells with respect to their deformed,

or post-injury configuration. In order to generate resolvable deformations at the cellular

level, we turn to the recently developed experimental platform foundational to the Inertial

Microcavitation Rheometry (IMR) technique [127]. This platform employs a laser-induced

single-bubble inertial cavitation event to locally generate high strains at strain rates on the

order of 103 to 108 s−1 [15, 127]. Further, by coupling the laser-induced cavitation system

to an inverted microscope, the full sample history can be obtained through acquisition of

reference multiphoton images, high-speed videography of the cavitation deformation, and

multiphoton images of the cells in their deformed configuration post cavitation.

Briefly, laser-induced cavitation is generated through the deposition of spatially-focused

laser energy into the focal plane of a sample. This laser energy causes the dielectric break-

down of the medium resulting the nucleation of a plasma within the material [127]. As the

bubble rapidly expands and cools a subsequent recombination of the plasma into gaseous

species occurs and the system reaches an eventual thermodynamic equilibrium with the

surroundings at radius maximum of bubble expansion [127,128]. The expansion of the bub-

ble to its maximum radius generates significant pressure differentials between the gaseous
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mixture within the bubble and the surrounding microenvironment leading to an unstable

mechanical equilibrium with the surroundings [127]. Once thermodynamic equilibrium with

the surrounding material is achieved at maximum bubble radius, a combination of the pres-

sure differential across the bubble wall and material stresses force the bubble to collapse and

undergo an oscillatory behavior characteristic of cavitation dynamics [37, 127]. While the

full time-scale of the inertial dynamics, as well as the dynamics themselves, are dependent

on both the bubble size as well as the material properties being probed, experiments typical

of this thesis reach a quasi-stable equilibrium radius on the order of 120 µs (Figure 2.5).

An in-depth explanation of the Inertial Microcavitation Rheometry analytical framework is

discussed in-depth elsewhere [127], and is expanded upon within the context of this thesis

in Chapter 3. Here, we broaden the use of the IMR experimental platform from the quan-

tification of material properties to perform high-rate deformations of neural cells to probe

their mechanical failure criteria.

To make use of this technique to experimentally deform neural cells or to probe material

properties, a laser-induced cavitation system is constructed on an optical breadboard coupled

to a combined Nikon Instruments confocal & multiphoton platform. This is accomplished by

aligning a high-powered q-switched ContinuumMinilite II pulsed Nd:YAG laser (Continuum,

San Jose, CA) to the microscope imaging optics. The Nd:YAG laser is frequency doubled

to 532 nm in order to maximize the efficiency of light microscope optics, and is optically

pathed co-linearly with an 635 nm continuous alignment diode (Thorlabs, Newton, NJ).

An alignment diode is necessary to conveniently align the pulsed laser train through the

microscope optical path, where optical access is limited. The Nd:YAG laser is passed through

a 2-5X variable magnification beam expander (Thorlabs, Newton, NJ) in order to increase

the beam width from it’s native 3 mm diameter to a 15 mm diameter to fill the back

aperture of the eventual target 20X magnification microscope objective (Nikon Instruments).

Following beam expansion, the laser is passed through the back imaging port of a inverted

Nikon TI2 multiphoton microscope base, and reflected to the back aperture of the imaging

objective off a 532 nm notched-dichroic mirror (Semrock, Rochester, NY). The imaging

objective focuses the laser light to a diffraction limited spot within the focal plane of the
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Figure 2.5: Experimental laser-induced inertial cavitation platform and schematicized high
speed videography frames (a) Line diagram of the LIC optical platform for the controlled generation and
high-speed videography of inertial microcavitation events. Single, high-energy laser pulse trains from the
Nd:YAG laser are beam expanded and passed to the back aperture of the 20X imaging objective. Cavitation
is generated within the sample plane (Star∗) of a TI2 inverted microscope. High speed videography is
captured at 1.0 MHz by a Shimadzu HPV-X2 illuminated by pulsed cavitar 640 illumination laser with a
pulse width of 10 ns. (b) Example frames of high-speed videography recordings of inertial microcavitation
with experimentally determined bubble radius fit (red dotted line). Inertial microcavitation events rapidly
expand compressing the material around them at maximum bubble radius, the material stresses, and pressure
differential across the bubble wall cause the bubble to collapse, eventually falling below the equilibrium
bubble radius causing the material to be pulled in tension. Cavitation dynamics are characterized by a
exponentially decaying series of oscillitory expansion-collapse cycles eventually decaying to a quasi-stable
equilibrium bubble radius. Modified from Estrada et al. JMPS 2018 [127].

sample generating a plasma-induced cavitation event as described previously.

Simultaneously to the initiation of an the cavitation event, high-speed videography of

the sample is accomplished through the same imaging objective by illuminating the sample

from the top-down with an caviLUX pulsed illumination system (Cavitar, Tampere, Fin-

land). The illumination light is passed through the dichroic mirror to a Shimadzu HPV-X2
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(Shimadzu Corporation, Kyoto, Japan) high speed camera. The inertial cavitation event is

recorded at 1 million frames per second which is sufficient to capture the full period of the

cavitation dynamics as well as to fully resolve the quasi-stable equilibrium bubble radius.

The high-speed videography and cavitation laser are time synchronized with a delay genera-

tor to obtain several frames of the sample prior to initial plasma formation. The illumination

laser is temporally synchronized to each acquisition frame directly by the Shimadzu HPV-X2

camera software such that a 50 ns delay between the start of each 10 ns illumination pulse

and the beginning of each 200 ns collection window exists per frame. As such an increased

confidence in the radial measurement and temporal resolution of each frame (500 ns between

each frame) is obtained by minimizing motion blur of the cavitation expansion and collapse

internal to each frame through the use of short illumination pulses.

The Inertial Microcavitation Rheology(IMR) analytical framework, is based on a series

of well-founded assumptions, discussed at length elsewhere [127]. Within the context of cav-

itation as a mode of mechanical deformation in this thesis, the use of IMR is limited to the

temporal interpolation of the strains and strain rates within the surrounding material. In

this way a requirement of adherence to the experimental limitations of the IMR analytical

framework is required. The current state of IMR at the time of this thesis is predicated on

several governing assumptions that affect the validity of experimental data sets, namely, the

assumption of spherical symmetry, and the assumption that the material remains undrained

(i.e., there is no water flux in the surrounding material) [127]. These idealizations allow us

to interpret the material as nearly incompressible, which allows us compute the stretches,

strains, and strain rates in the surrounding material. As such, cavitation events valid for

analysis must remain measurably axisymmetric throughout the full recorded dynamics. To

this end the cavitation event is generated in the center of each sample, within approximately

the mid plane of the sample 600 µm above the bottom coverslip surface, to ensure a mini-

mization of boundary effects on the cavitation dynamics. With this said, as a limitation of

the experimental platform in fibrous materials in addition to requirements for other portions

of the experimental setup (e.g., cellular viability and staining) the spherical symmetry as-

sumption is relaxed at long times (t >∼ 100µs), where the quasi-stable equilibrium bubble
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often splits into several small bubbles. As these bubbles are stable, they are assumed to be

non-injurious as compared to the maximum bubble size. Any bubble that visibly ’jets’ into

the surrounding material, cannot reasonably be assumed to remain either axisymmetric,

nor non fluid-flux inducing and is subsequently excluded from further analysis within the

context of this work. It is important to note, however, that as the native brain is not a

homogeneous material, and in-fact exists as a mixture of high density architectured cellular

materials [78,129] and as such the effects of asymmetric bubble collapse remain a valid and

valuable avenue of research. However, at present the extension of quantitative mechanical

analysis to these bubble systems is limited and outside of the scope of this thesis. All data-

sets generated in this work have been preserved, and when sufficient advancements have

been made to our understanding of the mechanics of asymmetric bubble dynamics would be

valid for further analysis to this end.

2.4 Live Cell Fluorescent Imaging

As previously discussed, a major limitation of most mechanical assessments of TBI is the

use of the deformed configuration for the application of mechanical tolerance thresholds. In

this work, given the use of microscope-based carrier optics for the generation of mechanical

injury, we preserve access to the reference configuration of each sample, without sacrific-

ing resolution on the injurious deformations, or deformed configuration of the sample. To

accomplish this, live-cell imaging of the focal region of interest within the sample is ac-

quired immediately prior to, and immediately following the initiation of cavitation injury.

Live-cell imaging is acquired through use of the classical live-cell image assay, Calcein AM

(Thermofisher Scientific). Calcein AM is a cell permeable fluorophore that only fluoresces

once cleaved by intracellular esterase activity present in living cells. Calcein AM is un-

bound within the cytoplasm of the cell and as such is a robust direct reporter for total cell

morphology. The acquistion of pre- and post-cavitation images, coupled with high-speed

videography of the cavitation dynamics preserves a high degree of fidelity for the full history

of the sample region of interest. The specifics of image acquisition parameters will be dis-

cussed in Chapters 3 and 4 in addition to the image analysis for the calcein AM before and
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after images, and the image processing algorithms for acquiring the radius versus time for

each sample. Immediately following post-cavitation imaging samples are chemically fixed,

and immunolabeled for protein structures of interest as described below.

2.5 Immunostaining Protocols

The immunolabeling of large hydrogel or tissue constructs is challenging. The length of

time required in each individual step is dependent on a number of factors including both

type of immunostaining being performed as well as the specific sample being labeled. In

this work, given the optical transparency of the sample being employed, the typical use of

clearing or sectioning protocols can be neglected. By neglecting these steps we preserve

the spatial fidelity of each sample to their reference, and deformed configurations following

cavitation-injury. This spatial-fidelity allows us to mechanically interpret, for the first time,

the specific failure criteria of different cytoskeletal components of neural cellular projections

in a 3D hydrogel system following high-rate mechanical deformation.

The general overview of a typical immunolabeling procedure is nuanced and must be

gleaned from many literature sources and synthesized into a cohesive protocol [55, 104,

130]. Many decisions made in the literature, as will be discussed further, are left vague

and subject to the individual practioners decisions. This is due to the nature of sample

specificity required in each protocol, and as such many specifics must be experimentally

determined by the end user. The discussion in this section will focus on the general concepts

behind immunolabeling protocols and antibody selection criteria to allow the reader to make

informed decisions regarding immunolabeling protocols.

A typical immunolabeling procedure for the labeling of different types of cellular proteins

consists of four major steps: Fixation, Permeabilization, Blocking, and Antibody labeling.

Additionally, there are two main approaches for immunofluorescent antibody labeling, direct

and indirect. Direct immunolabeling, which relies on the use of primary antibodies specified

against the target protein of interest, which are directly conjugated to a fluorescent reporter
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molecule, and indirect immunolabeling which relies on a paired unconjugated primary an-

tibody and a fluorescently conjugated secondary antibody. In indirect immunostaining, the

primary unconjugated antibody is selected for specificity to the target molecule of interest,

and the secondary fluorescently-conjugated antibody is specific for the species and isotype

of the primary antibody, as discussed below. In this work, the immunolabeling protocol

employs an indirect immunofluorescent labeling technique.

Typically, when selecting an immuno-panel for staining, there are several key features

of your protocol to consider when selecting an antibody. To begin, a selection of primary

antibody against your intended protein target is required. Primary antibodies are generally

categorized by target protein, host species, isotype, clonal type, and species reactivity. The

target protein, and species reactivity requirements are specified inherently by the desired

fluorescent target and the species of cellular protein intending to being examined. The host

species, clonal type, and isotype of an antibody are less restricted and can be selected to

allow for flexibility within the protocol to stain multiple targets of interest. Most commonly,

primary antibodies are raised in either a rabbit or mouse host specied against the proteins of

interest in a polyclonal clonality format, this means that the antibody will recognize many

different epitopes for the same target protein. Antibodies are available for purchase and

can be generated in a wide array of host species, and a practitioner should not limit their

selections to exclusively rabbit or mouse hosts. Primary antibodies can be further specified

to an individual specific epitope of a target protein by acquiring/generating monoclonal

antibodies against the desired target protein. Further, the isotype and host species can be

selected to afford flexibility in staining targets for secondary antibody selection. Finally, the

majority of antibodies are of the isotype IgG fraction (the most common antibody isotype),

though antibodies can additionally be found that are of isotype IgM. Though challenging to

accomplish successfully, the co-paneling of IgG antibodies with IgM antibodies is possible

when paired with a secondary antibody specific for a specific isotype of a host species to afford

flexibility when antibody selection is limited, this is however, inadvisable for inexperienced

practitioners.

With respect to secondary antibody selection, the selection criteria are determined by
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the desired conjugate (fluorescent reporter molecule) and selection of primary antibody.

Conjugate selection is decided based on the intended fluorescent channel available for ex-

perimental imaging. It is advisable to ensure the fluorophores are well distinguished to

ensure a minimization of channel cross-bleed with standard detector filter sets, though it

is important to understand the optics, and available fluorescent imaging channels available

to the end user. It is important to ensure your secondary antibody is selected to recognize

the species and isotype of your primary antibody target. This is especially important if two

antibodies of the same species are employed with differing isotypes, as previously discussed.

Once antibodies are appropriately selected, the next consideration is the method of fixation

and permeabilization required to appropriately label a sample protein.

The selection of an appropriate fixation method depends on both the type of protein

structure that is intended to be stained in addition to the mode of imaging desired (i.e.,

electron microscopy versus fluroescent imaging). Most commonly immunohistochemistry

protocols employ a formalin or formaldehyde-based fixation methods. Aldehyde-based fix-

ation cross-links and stabilizes the sample to prevent autolysis, or necrosis of the sample.

Cold methanol fixation is also available for specific antigens of interest, usually surface bound

antigens where aldehyde or formalin fixation may overly mask binding epitopes of proteins

on the surface of the cell. The fixative solution in this work consists of an aldehyde-based

mixture consisting of 4% (v/v) paraformaldehyde in 1X Phosphate-buffered Saline (PBS)

supplemented with 8% (w/v) sucrose to act as a stabilizing agent as the 3D neural cellular

morphology consists of many fine cellular projections that require additional stabilization

under fixation. Aldehyde-based fixation techniques chemically cross-links the cellular ma-

terial, this cross-linking can mask binding epitopes leading to issues with antibody binding

on low abundance proteins. The protocol employed in this thesis does not perform either a

heat or enzymatic-based antigen retrieval step as the cytoskeletal markers investigated are

typically large structures and in high abundance. Over fixation of a sample from either fixa-

tive concentration or the amount of time fixation is applied can lead to epitope masking. As

such, the ideal fixation time and concentration of fixative used for a type of sample should

be determined experimentally.
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The selection of whether to permeabilize the sample is determined by the protein target

panel desired to be immunolabeled. If the panel of target proteins consists of exclusively

surface bound proteins, permeabilization of the cell membrane can potentially result in

the loss of these proteins as lipids are removed by permeabilization surfactants. The cell

membrane is comprised of lipids and is highly susceptible to degradation by detergent agents

like Triton-X. Any protocols employing permeabilization should ensure sufficient washing is

performed to ensure the sample is not overly degraded. If the intended target structure

is internal to the cell and not freely floating in the cytoplasm, a permeabilization step is

important to allow access to the cytoplasmic space for the non cell membrane-permeable

antibodies. The protocol in this thesis employs a 0.5% (v/v) Triton-X 100 solution in 1X

PBS solution. It is important to note that the amount of time the sample is exposed to the

permeabilization agent must be carefully determined to avoid overly degrading the sample

and destroying target protein structures.

The final step before labeling a sample with primary antibody is a blocking step in-

tended to mitigate non-specific interactions of the antibody with the sample. Typically,

blocking buffers consist of normal serum, isolated from the same species as the antibody

employed, and bovine serum albumin. Blocking buffers mitigate non-specific antibody in-

teractions with the sample by presenting similar antigens to the environment allowing for

any non-specific associations to be masked by the blocking buffer rather than the antibody.

The concentration and duration of blocking steps should be determined experimentally for

every sample type. The protocol in this thesis employs a 10% (w/v) bovine serum albumin

(BSA) in 1X PBS, with no additional serum reagents, as was experimentally determined as

unnecessary. Following initial blocking steps, all wash and staining solutions in the protocol

consist of a 0.5% (w/v) BSA solution in 1X PBS.

The protocol used in this thesis for the immunostaining of large 3D collagen-I and Ma-

trigel cellular constructs in a 48-well plate format is as follows. Sample wells are fixed for

30 minutes in 4% (v/v) paraformaldehyde in 1X PBS supplemented with 8% (w/v) sucrose

at room temperature (∼ 22oC), or at 37oC. All steps are subsequently performed at room

temperature. Wells are then quickly washed with 1X PBS, and soaked in 1X PBS four
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times for 15 minutes each. Wells are then permeabilized with a 0.5% (v/v) Triton-X 100

solution in 1X PBS for 30 minutes. Samples are subsequently rinsed, and soaked four times

in 1X PBS to dilute out the Triton solution. The blocking step consists of a two hour block

in 10% (w/v) BSA solution in 1X PBS followed by four wash steps in 0.5% (w/v) BSA

solution. Primary antibodies are quickly centrifuged at 1000 rpm for 2-5 seconds to pellet

large aggregates of antibody. Antibodies are then diluted to the desired concentration in

the 0.5% BSA staining solution. The concentration of antibody employed in this study can

be found in Tables 3.2, and 2.1. Samples are stained overnight (∼ 18 − 20 hours) at room

temperature, on a gentle (∼20 rpm) rocker table. Following incubation, antibodies are re-

moved and replaced with washing buffer four times for 15 minutes each. From this point

in the protocol the samples should be protected from light at all times, all steps should be

completed away from ambient light sources with the room lights off. Secondary antibody

solutions are prepared similarly to primary antibodies, relevant concentrations can be found

in Tables 3.2, and 2.1. Samples are then stained with secondary antibody solution for 6

hours, or overnight at room temperature, on a gentle rocker table. The length of secondary

incubation is dependent on the concentration and target protein abundance in the sample.

Samples are subsequently washed in 1X PBS without BSA four times, 15 minutes each.

If DAPI or phalloidin staining is required, samples are incubated with Actin ReadyProbes

(Thermofisher) or NucBlue ReadyProbes (Thermofisher) kits at four drops per milliliter of

solution. A final set of wash steps should be completed in 1X PBS, plates should be parafilm

sealed. It is advisable to proceed to imaging as soon as possible as signal can degrade over

time, however, standard probes and antibodies tend to be stable for several weeks following

initial staining. Well plates should be protected from light prior to imaging.
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3.1 Introduction

Mechanical forces play a critical role in maintaining the form and function of many bio-

logical systems from single cells to entire organisms [131, 132]. From the perspective of a

cell, maintenance of physical homeostasis involves a constant balancing act between internal

and external forces and deformations. Critical cellular processes such as tissue morpho-

genesis [133], protein expression [134], and cell differentiation [135], are often a result of

slight and well-coordinated changes in a cell’s physical homeostasis. In cases of significant

disruption in homeostasis, such as in physical trauma, cells can produce a spectrum of

insult-dependent pathologies, broadly classifiable as either immediate mechanical breaking

44
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of cellular microstructural components (primary injury), or the activation of apoptotic or

necrotic pathways (secondary injury) [4, 56].

Abnormal loading conditions can occur from unintentional causes (e.g., during Trau-

matic Brain Injuries or TBI), or through intentionally administered therapeutic treatments

including many modern surgical or disease-mitigating procedures [136]. Particularly, the

last decade has seen rapid growth in the use of focused energy techniques including diagnos-

tic [41–43] and therapeutic ultrasound [44–47] and laser-based ablation methods [48,49] for

a variety of patient treatment procedures, from removing tumors to correcting eyesight. The

physical mechanism of tissue removal in ultrasound-based procedures such as histotripsy is

the generation of cavitation bubbles that impart extremely high-rate and large deforma-

tions onto the surrounding cells and tissues which lead to tissue fragmentation, lysis and

cell death. Laser-based ablation procedures can also produce significant microcavitation

while heating the tissue [48, 49, 51]. Despite these methods’ growing popularity and the

well-defined qualitative understanding of their use, little is quantitatively known about the

relationship between bubble size, bubble pressure, and resulting tissue stresses and strains

on cellular and tissue damage and injury [50].

Recently, blast-related traumatic brain injuries in the armed forces have pointed toward

the possibility of a brain injury signature distinctively different from those associated with

the pathologies of commonly diagnosed blunt-force mild to severe TBIs [18]. The chief

distinction between these types of TBI could be the significantly higher deformation or strain

rates experienced under such conditions, similar to those occurring during exposure to either

electromagnetic or sonic-based directed energy devices [39]. To this end, a variety of efforts

aimed toward mitigating or preventing TBI have turned to advanced computational models

of the head and neck to better understand the role of high-rate deformations, forces, stresses

and strains in the overall associated injury risk potential [137, 138]. While these models

have progressed in their complexity and predictive power, their experimental validation—

specifically resolution of critical cellular and subcellular injury or damage thresholds—has

remained elusive.

Considering that mechanical loading on the tissue and cells can be highly disruptive and



46

destructive, it is paramount to resolve critical thresholds in force and deformation along

with cellular pathologies under such conditions. Understanding the extent of disruption and

injury is especially important in neural tissues to prevent any loss of function within the

central nervous system.

Careful resolution and quantification of the mechanical forces and deformations, or

strains, that lead to injurious cellular disruptions and possible cell death have remained

a formidable challenge in practice. This is in part due to the fast, high-rate character of the

mechanical deformations imparted onto the cells, which require camera frame rates on the

order of hundreds of thousands to millions of frames per second to resolve. Furthermore, the

generation of high-strain rate loading above 100 1/s is a significant technological challenge

for any electromechanical device, and gas and gravity driven impact devices often struggle

with achieving well-characterized, repeatable and appropriate loading conditions for such

compliant viscoelastic materials as cellular brain tissue. Furthermore, in order to remove

loading and boundary artifacts that could complicate the post analysis of cellular injury,

sample preparation and mounting cannot be injurious to the cells and tissues. This poses a

major challenge to most traditional mechanical loading stages or bioreactors. Finally, and

especially for neural tissues, scaffolds or tissue structures promoting three-dimensional (3D)

cellular architectures are crucial for replicating physiologically relevant mimics of the in vivo

tissue microenvironment.

To address these key challenges and to provide a robust method for quantitatively re-

solving cellular injury thresholds and pathologies with high spatial resolution, we combine

our recently developed inertial microcavitation rheology (IMR) technique [139] with an es-

tablished 3D in vitro neural cell tissue model [56]. Through 3D-positioning of a spatially-

controlled inertial cavitation bubble within the 3D neural tissue model, high-rate mechanical

deformations (material strain rates on the order of 103 − 108 1/s), are achieved without the

need to handle, mount or condition the tissue prior to loading. This is a significant ad-

vancement over current state of the art cellular and tissue TBI injury devices, which tend

to produce loading rates up to 100 1/s or less [4, 140–142]. By integrating this technique

into the optical path of a multiphoton microscope, high-resolution, 3D volumetric image
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stacks can be acquired before and after an induced high-rate loading event. To construct

a strain- and strain-rate-dependent pathology atlas, common immunocytochemical markers

are employed and correlated to the applied high-rate deformations. Additionally, by em-

ploying our previously developed quantitative theoretical framework built into IMR, we can

estimate cellular strains and provide stress threshold estimates for cellular projections con-

taining each subcellular structural component represented in the injury pathology. Taken

together, this study provides a significant quantitative advancement in our understanding

of this biologically and clinically important injury pathology, and provides actual, measured

cell-level details on the critical strain and stress thresholds associated with structural de-

generation across key cellular constituents including microtubules, filamentous actin, and

microtubule-associated protein-2 (MAP2).

3.2 Methods

3.2.1 Isolation of primary neural cells

All procedures were performed in full accordance with the Institutional Animal Care and Use

Committee’s of Brown University and the University of Wisconsin, Madison. Unless other-

wise stated, reagents were acquired from Thermo Fisher (Waltham, MA). Primary neural

cells were isolated from postnatal day 0-1 Sprague-Dawley rats (Charles River, Wilmington,

MA). Pups were anesthetized with hypothermic treatment and euthanized through cervical

dislocation. The cerebral hemispheres were removed and placed in a cold solution of Hiber-

nate A (HA; Brain Bits LLC, Springfield, IL) + 2% B-27 serum-free supplement (50×) +

0.25% GlutaMAX (100×), ventral side down. A cut was made around the lateral side of the

brain, just above the entorhinal and perirhinal cortices, followed by separation at the cor-

pus callosum. The excess tissue was removed from the cerebral cortex and the cortices were

minced (∼0.5 mm) and digested in a solution of Hibernate A (HA) –CaCl2 (Brain Bits LLC)

+ Papain (2 mg/mL; Worthington, Biochemical Corporation, Lakewood, NJ) for 30 minutes

at 37◦C with gentle agitation every 5 minutes. An equal volume of pre-warmed HA/B-27

was added to the HA-CaCl2/papain solution and centrifuged at 150g for 5 minutes. After
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removal of the supernatant, the dissociated tissue was re-suspended by gentle mechanical

trituration in cortical complete media (Neurobasal-A medium + 1% Penicillin/Streptomycin

+ 0.25% GlutaMAX 100×), allowed to settle for 1-2 minutes, and passed through a sterile

cell strainer (40 µm mesh size) to filter large tissue debris. The suspension was again cen-

trifuged at 150g for 5 minutes, the supernatant was removed, replaced with 3 mL cortical

complete media, and cells were re-suspended by gentle mechanical trituration and counted

with a hemocytometer (Hausser Scientific, Horsham, PA). Cell solution was diluted with

cortical complete media to 106 cells/mL prior to preparation of 3D collagen gels to yield a

final seeding density of 3,750 cells/mm3 [4, 78, 143]. Additional information and specifics of

the cortical isolation and a more detailed protocol can be found in Chapter 2 section 2.2.2

and the associated publication, Scimone et al 2018 [56].

3.2.2 Preparation of 3D collagen hydrogels

Type I Collagen (rat tail; Dow Corning, Tewksbury, MA) hydrogels were made at a concen-

tration of 2.2 mg/mL according to the manufacturer’s standard protocol. 10× Phosphate-

buffered Saline (PBS) was mixed with type I collagen stock solution (3.3−3.7 mg/mL) in

0.02 M acetic acid, triturated, and kept on ice. Neuron-cell media suspension was then added

to the collagen mixture to get a collagen concentration of 2.2 mg/mL and neuron density

of 3,750 cells/mm3, and brought to a target pH of 8.4 through the addition of 1 M NaOH

(Sigma-Aldrich, St. Louis, MO). Collagen gel composition is shown in Table 3.1. 50 µL

volumes of cell-collagen gel solution were seeded directly into 48-well #1.5 glass-bottomed

plates (MatTek, Ashland, MA). Dimensions of the samples were approximately 6 mm in

diameter and 1.2 mm in height.

Table 3.1: Concentrations for 3D type I Collagen hydrogels.

Component 10× PBS 1 M NaOH Stock Collagen-I Cell Suspension
Volume % 10 1.4 56.2 32.4

Gels were polymerized in a humidified incubator at 37◦C in 5% CO2 for approximately 20
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minutes after which 300 µL of cortical complete media is added to each well after polymer-

ization. Each plate of samples was incubated at 37◦C, 5% CO2 for 7 days in vitro, after

which neurons showed a high degree of network connectivity (Figure 3.1a).

3.2.3 Live-cell fluorescence

Cell morphology was assessed before and immediately following microcavitation via cell-

permeant Calcein Acetoxymethyl (AM). Cell cultures were incubated with 200 µL of pre-

warmed HA+2% B-27 buffer with Calcein AM (20 µM) for 45 minutes to 1 h to allow for

sufficient penetration into the gel, after which media was replaced with naïve pre-warmed

HA+B-27 buffer. Samples not exhibiting healthy, fully-connected morphology were dis-

carded from further data processing. Control cultures were incubated with 200 µL of pre-

warmed HA+2% B-27 buffer containing both Calcein AM (20 µM) for 1 hr, after which

media was replaced with naïve pre-warmed HA+B-27 buffer.

3.2.4 Fixation and Cytoskeletal Labeling

Neural cell cultures were fixed post-live-cell fluorescent imaging using a solution of 4% v/v

paraformaldehyde (Electron Microscopy Sciences, Hatfield, PA) + 8% w/v sucrose in 1×

PBS for 30 minutes. Samples were subsequently washed four times with 1× PBS and stored

at 4◦C prior to additional labelling procedures. Samples were permeabilized in 0.5% (v/v)

Triton ×100 for 30 minutes, washed three times with 1× Phosphate Buffered Saline (PBS).

Non-specific staining was limited through a blocking step using 10% (w/v) Bovine Serum

Albumin (BSA) (Jackson ImmunoResearch, PA, USA) for 2 hours at room temperature

(measured at 22-23◦), and all subsequent wash and stain steps were completed using 0.5%

(w/v) BSA at room temperature. After blocking, samples were washed twice and stained

overnight at room temperature for the primary antibody marker of interest, see Table 2.

Samples were washed four times, and submerged in secondary antibody for six hours. Alter-

natively, if not antibody-stained, samples were washed four times and stained with Phalloidin

stain ActinRed 555 ReadyProbes for 2 hours at 4 drops/mL in 0.5% BSA and washed four

times with 1× PBS.
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Table 3.2: Immunolabeling probes for proteins of interest

Antibody Target Species Manufacturer Catalog No. Concentration
Primary Antibodies

β3-tubulin Mouse (IgG) ThermoFisher Sci. MA1-19187 1:200
MAP2 Rabbit (IgG) ThermoFisher Sci. PA5-17646 1:200

Secondary Antibodies
Anti-Mouse AF555 Goat ThermoFisher Sci. A32727 1:100
Anti-Rabbit AF555 Goat ThermoFisher Sci. A32732 1:100
Phalloidin Probes
Filamentous actin ThermoFisher Sci. R37112 4 drops/mL

3.2.5 Microscopy and imaging

For all live-cell experiments and controls, three-dimensional image stacks of cells immedi-

ately before and immediately following laser-induced cavitation were acquired using a Nikon

A-1 laser scanning confocal or multiphoton system, mounted on a Ti-Eclipse inverted optical

microscope controlled by NIS-elements software (Nikon, Tokyo, Japan). To maintain physi-

ological conditions, a custom-made environmental chamber was built around the microscope

and thermally-controlled at 37◦C with a closed-loop Air-Therm heater (World Precision In-

struments, Sarasota, FL). Samples in 48-well glass-bottomed plates were secured using a well

plate holder (Ti-SH-W; Nikon), which was allowed to thermally equilibrate before imaging

to avoid thermal drift in imaging locations. All cavitation events were performed 600 µm

above the top of the glass coverslip, or approximately at the mid-plane of the gels.

3.2.6 Laser-induced microcavitation

The generation of laser-induced cavitation and a full exploration of the governing parameters

and physics have been described elsewhere [127]. Briefly, experimental inertial cavitation

was generated via single pulses of a 3-5 ns, 1-10 mJ frequency-doubled 532 nm Q-switched

Nd:YAG laser (Continuum, San Jose, CA) through a Plan Fluor 20×/0.5 NA objective

(Nikon Instruments, Japan). Single laser pulse energy is straightforwardly modulated be-

tween 1 and 10 mJ by rotation of a polarized waveplate in the laser head. Laser energy

is minimized to the experimentally determined threshold required for the generation of a
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Figure 3.1: Experimental injury
platform and projected, 3D micro-
graphs of high loading rate cellular
pathology. (a) 3D type I collagen gels
are fabricated in vitro, containing primary
neural cells (green) which grow and form
healthy, connected networks. (b) Cells
(green) are well-encapsulated by type I col-
lagen (sky blue). (c) A single, 4 ns laser
pulse focused through a microscope ob-
jective induces microcavitation in the gel.
The cavitation microbubble rapidly grows
in the sample, reaching a maximum ra-
dius Rmax (orange tick mark), and sub-
sequently collapses and oscillates, finally
reaching a quasi-equilibrium state R0. (d)
Cells in the vicinity of the bubble are
rapidly deformed by radially-decaying cir-
cumferential (hoop) stretch levels, λθ,max,
indicated by the color-coded radial rings.
Each radial ring represents the maximum
tensile (hoop) stretch, λθ = λθ,max expe-
rienced by each cell. While cells that ex-
perience stretches less than λθ,max < 1.05
remain morphologically intact (plus), cells
closer to the bubble center exhibit varying
degrees of degenerate projections 1.05 <
λθ,max < 1.2 (triangle) and somatic dis-
ruption 1.2 < λθ,max < 2 (star, inset image
rotated). Very near to the bubble epicen-
ter (red x), cell somas and projections are
entirely fragmented at λθ,max > 2, (square,
inset image rotated). The overall spatial
extent of injury is dependent on the max-
imum bubble size (Rmax), and is generally
contained within 2–2.5×Rmax as indicated
by the overlaid ruler (units are in multiples
of Rmax).

cavitation event. The beam was then redirected into the back aperture of the objective by

a 532 nm notch dichroic reflector (Semrock, Rochester, NY), and expanded to fill the back

aperture of the imaging objective using a variable beam expander (Thorlabs, Newton, NJ).

Upon passing through the objective, pulses converged at the image plane as validated by a

continuous exposure alignment of a 635 nm laser diode (LDM635; Thorlabs, Newton, NJ)

and were imaged using bright-field microscopy at either 270,000 fps on a Phantom V2511

(Vision Research, Inc., NJ, USA) or at 1,000,000 fps on a Shimadzu HPV-X2 (Shimadzu

Corporation, Kyoto, Japan). The condenser aperture was reduced as much as possible with-

out overly reducing image intensity to minimize effects of non-parallel light interacting with

the bubble. As each 3D collagen gel had dimensions of 3 mm radius and 1.2 mm height,
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and to reduce potential biological effects of cellular death factors and mechanical effects of

introduced boundaries, only one cavitation event was generated in each non-control sample

at the approximate middle z-plane of 600 µm.

3.2.7 Cavitation Bubble Determination

Input : High-speed bubble .tif stacks of bubble kinematic images It
Output: Bubble radii R(t)

1 Convert all images to grayscale if needed, rgb2gray;
2 for all clear images after reference, t > 0 do
3 if there exists a well-defined pre-cav image I0 then
4 Remove baseline reference (D = It − I0);
5 Normalize and threshold to make binary mask BW = ceil(D̂−thresh);
6 Get regionprops;
7 if bubble is split into two parts by the image walls then
8 Combine two largest connected regions into one;
9 end

10 else
11 First-pass segmentation to find mean frame-wise background intensity Īt;
12 Binarize image by BW = It < Īt − 2σ(background pixels);
13 Get regionprops;
14 Smooth regions with 2-px erode-dilate to reduce overfitting
15 end
16 Determine connected mask regions, bwconncomp;
17 Build convex hull of bubble from mask objects;
18 Remove points on image edges;
19 Fit circle using Taubin method, [Rt, centroid] = CircleFitByTaubin(convex

hull points)
20 end
Algorithm 1: Calculating Rmax and R0 from high-speed bubble images

The general processing procedure for acquiring the maximum bubble radius and equi-

librium radius from high speed video is outlined in Algorithm 1. Each time-series of images

consisted of either 101 frames of 512×128 px from a Phantom v2511 high speed camera, or

256 frames of 400×250 from a Shimadzu HPV-X2 high speed camera. Imaging frame rates

were set to 270k fps (3.7 µs/frame) for the Phantom v2511 and 1M fps (1 µs/frame) for the

Shimadzu HPV-X2 with a calibration image of an etched calibration grid taken for each to

set the µm/pixel ratio for each time-series (v2511, 1.38µm/pixel; HPV-X2, 1.62µm/pixel).

For cases where there was a well-defined reference image, the first image in each time-series
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Input : Laser scanning confocal stacks of 1024×1024×11 (1.24×1.24×20 µm)
images from before (Iz0 ) and immediately after (Izt ) cavitation injury

Output: Mechanical primary injury radius RPI immediately post-cavitation
1 for z = 1 to height of stack do
2 Gamma-shift confocal images, Iz = (Iz)0.7;
3 Determine background pixels BWn from 2D Hessian-based Gaussian filter H2,

BWn = ∼ (H2(I
z));

4 Determine image noise floor δIz = median(Iz(BWn)) + 2 mad(Iz(BWn));
5 Determine rigid drift uz as median of uz(x, y) = qDIC(Iz0 , Izt );
6 Take 2D median filtersM2 for differential images Dz =M2 (Iz0 )−M2 (Izt − uz);
7 end
8 D = max(Dz, z);
9 δIt = median(δIzt , z);

10 Determine injury radius centroid {x̄, ȳ} =
{∑

xD,
∑

yD
}
;

11 Make binary mask of damage using threshold BWD = D > δIt;
12 Define radial transform matrix r(x, y) =

√
(x− x̄).2 + (y − ȳ).2;

// Create density field ρ by discretizing into k bands of ∆r = 1 px
13 Define density noise floor δρ = mean(ρ) + 5σρ;
14 for ring index k = 1 to edge of image do
15 ρ(r ∈ k) =

∑
r∈k

BW0(r)/
∑
r∈k

ones(r);

16 end
17 Determine cumulative linear density function P =

∫ r
0 ρdr/

∫ r
0 dr ;

18 RPI = r(P = 97.5%).
Algorithm 2: Calculating RPI from laser scanning confocal image stacks.

was designated as a reference image I0 of the gel before arrival of the laser pulse. For subse-

quent images of the bubble It, differential images D = It− I0 were constructed, normalized,

and thresholded to create binary masks. In cases without a reference image, a first-pass

segmentation defined a background intensity threshold to create binary masks. The built-in

function bwconncomp (Image Processing Toolbox, Matlab) was then used to segment the

bubble area. A convex hull was constructed around the bubble object excluding points on

the image boundaries. Finally, points along the convex hull were then fit using a generalized

eigenvector fitting method developed by Taubin [144] for the specific case of a circle. Bubble

images were overlaid with the circle fit outline and manually inspected to ensure accurate

fitting.
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Input : Immunofluorescence end-point image stack (Izt+) of 1024 × 1024 × 113
(0.5 × 0.5 × 1.35 µm), post-cavitation live-image stack (Izt ) of 1024 ×
1024 × 11 (1.24 × 1.24 × 10 µm), and the cavitation center {x̄, ȳ} in (Izt )

Output: Projection damage locations, (χ(i))
1 Find maximum projections It+ = max

z
Izt+ and It = max

z
Izt ;

2 Upsample It to match grid of It+;
3 Manually register landmark coordinates (x`, y`) for It and It+;
4 for z = 1 to height of stack do
5 Find the corresponding z-slice of selected points,

z = max(mean(i± 10, j ± 10), k) ;
6 end
7 Cross-correlate Izt (xt, yt, zt), and Izτ (xτ , yτ , zτ );
8 Compute cavitation centroid (xτ , yτ , zτ ) in (Izτ );
9 Find maximum projection of all slices ±50µm of zτ , I±50t+ ;

10 for Each quadrant of I±50t+ do
11 Manually select lateral locations of damaged projections (xρ, yρ)
12 end
13 Compute vertical heights to each point, zρ;
14 Discard non-unique fits, and any point within ±5µm from top or bottom;
Algorithm 3: Calculating radial positions of damaged neural cellular pro-
jections

3.2.8 3D Image acquisition

Prior to laser-induced microcavitation, reference image stacks of 1024×1024×11 px (1.24×1.24

µm spacing in x-y, 10 µm spacing in z) images of Calcein AM-stained neural cells were ac-

quired with a 10×/0.3 NA Plan Fluor objective (Nikon) centered at 600 µm above the top

surface of the bottom coverslip. Rather than create a full 3D reconstruction, total volume

size and laser settings were chosen to ensure minimal effects from phototoxicity, resulting in

a pseudo-3D confocal volume stack. Following initial imaging, cavitation was generated as

described above, consistent with prior work [127, 145]. Samples were imaged and cavitated

as described above in sets of 6-8 to reduce the time delay between cavitation and post-

imaging. After completing a set of samples, the dichroic was removed and the 10×/0.3 NA

Plan Fluor objective was repositioned to acquire a post-cavitation stack of images, again

with dimensions 1024×1024×11 px (1.24×1.24 µm in x-y, 10 µm spacing in z). Laser scan-

ning multiphoton imaging of immunolabelled subcellular structures was performed using a
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25×/1.1 NA Apochromat water immersion objective (Nikon Instruments, Japan). Multipho-

ton image stacks of 1024×1024×113 px (0.5×0.5×1.35 µm spacing) were taken post-fixation

for structural regions of interest.

3.2.9 3D Image processing

The general processing procedure for determining the primary injury radius from the refer-

ence and post-injury confocal image stacks of cells stained with Calcein AM is outlined in

Algorithm 2.

Each z-image in an image stack was first gamma-shifted by a factor of 0.7, and subse-

quently processed by a Hessian-based Gaussian filter [146] kernel with σ ranging from 1 to 3

to determine a slice-wise noise floor. Due in part to drift, switching imaging optics, and to

the cavitation event itself, some rigid translation occurred between each image before and

after cavitation; registering image drift is a common part of image differencing techniques

to get accurate results [147]. For this study, we corrected for rigid motion drift by running a

quality-factor based digital image correlation method [148] and shifting the second image by

the determined median image displacement. Corresponding images in the reference configu-

ration were then compared to rigid-motion-corrected images in the damaged configuration at

times immediately after cavitation. Differences between the image pairs, called differential

images, were then median-filtered, summed in the stack-direction, and thresholded automat-

ically by the Hessian-determined noise floor. A binary mask was constructed as the values

in the differential image stack sum, D, above the threshold. This binary mask represents

all pixels that significantly drop in intensity between the undamaged and damaged images,

and physically represents local ceasing of intracellular esterase activity. To assess disruption

of esterase activity radially, the epicenter of the cavitation injury (x̄, ȳ) is calculated from

the 2D median of the cumulative sum of the rows and columns of D.

A distance transform matrix r(x, y) is constructed as the distance away from the bubble

epicenter location for each pixel (x, y) in D. From the center of the bubble at r = 0, it

is convenient to take the relative density difference as a radial measure of damage, that is,

the high density of fluorescent intensity loss concentrated in the bubble region is considered
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the damaged zone. Intensity loss density ρ was determined by defining ∆r-width concentric

rings, summing the lost pixels (where the mask is 1), and normalizing by the number of

pixels in each ring. The density noise floor is user-adjustable, but was conservatively taken

as 5 standard deviations above the median far-field density in this study. The radius of me-

chanical disruption or primary injury of the plasma membrane immediately after cavitation,

RPI, was then defined via the linear integral of the radial density; specifically, where 97.5%

of the cumulative fluorescent intensity loss (i.e. two standard deviations above the median)

occurs.

The general immunofluorescence image processing procedure for determining the loca-

tions of damaged projections is outlined in Algorithm 3. Immunofluorescence end-point im-

age stacks (Izt+) of 1024 × 1024 × 113 (0.5 × 0.5 × 1.35 µm) are used to manually determine

the location in three dimensional space of damaged projections for each immunofluorescence

marker. Here, a damaged projection is defined as any continuous projection originating

from a cell soma that terminates abrubtly and without intuitive cause to the observer with

experience examining the healthy morphological state of 3D neural cell cultures. A cal-

cein AM post-cavitation live-image stack (Izt ) of 1024 × 1024 × 11 (1.24 × 1.24 × 10 µm)

is upsampled to match the grid size of Izt+ and manually registered with a combination

of manual landmark matching and image cross-correlation. An input cavitation epicenter

(x̄, ȳ)—assumed to fall in the mid-plane of Izt (z̄)—is then converted from the known coor-

dinates in Izt to the corresponding coordinates in Izt+. Maximum projections are computed

from all slices of Izt+ determined to fall within ±50µm of z̄ and a quadrant-wise manual

point selection is completed to localize the lateral location of damaged projections. All

lateral(x− y) positions manually identified are registered in along the z-axis by computing

the maximum value of the median intensity within a window constructed about each x, y

point along z. Any point determined to fall within the top or bottom 5µm of the image stack

are neglected to avoid image clipping; additionally, any point without a unique maximum

value is excluded from further processing.
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3.3 Results

To resolve the pathology and critical injury thresholds of high-rate deformations on neural

cell populations, a 3D in vitro neural tissue model [56] was integrated with our recently de-

veloped, laser-based microcavitation technique as a means to mechanically load the cellular

constructs. The in vitro model consists of neural cells dissociated from the cortices of post-

natal p0-p1 Sprague Dawley rat pups and encapsulated in a collagen-I hydrogel in a glass-

bottomed 48 well plate. The neural cell population undergoes neurogenesis over the course of

7 days in vitro during which the cells form healthy network connections consistent with pre-

vious work [13,56] as seen in Figure 3.1a. Cells were determined to be well-encapsulated by

collagen fibers using reflectance confocal and auto-fluorescence microscopy (Figure 3.1b). To

mechanically deform the cells at high loading rate, a single microcavitation bubble was gen-

erated inside the neural tissue model via a spot-focused, ∼4 nanosecond pulsed laser aligned

into the back port of an inverted microscope. Briefly, the deposited laser energy nucleates a

microcavitation bubble, which grows and rapidly stretches the surrounding neural tissue as

it expands to a maximum radius, Rmax (Figure 3.1c). The general bubble dynamics feature

several, exponentially decaying oscillatory expansion-collapse cycles [127] until the bubble

reaches its final stress-free, quasi-static equilibrium bubble radius, R0, over the course of

∼ 120µs. High-speed video of bubble dynamics from each experiment was recorded by one

of two methods: at 270,000 frames per second using a Phantom v2511 (Vision Research Inc,

Wayne, NJ) high-speed camera, or at 1 million frames per second with a Shimadzu HPV-X2

ultra-high speed camera (Shimadzu, Kyoto, Japan), both using bright field microscopy. An

example set of high-speed images at cropped spatial and temporal resolution from the latter

is shown in Figure 3.1c. Bubble radii were determined from these images using a custom

image processing algorithm modified from our prior work [127].

To quantify the physical deformations that the neural cells experience during high-rate

cavitation loading we begin by describing the change in position, or displacement, of each

material point (cells and collagen) using a standard continuum mechanics representation

[127]. We denote the current radial position of the bubble wall in time as R(t), with an
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associated “reference” radius R0 of the bubble in the stress-free, equilibrium configuration

at long times. The maximum radius, Rmax is then defined as, R(t = 0) = Rmax. Radial

positions in the material are then functions of both the bubble radius and time, and are

denoted as r(r0, t) and r0 in the current and reference configurations, respectively. To

relate the physical stretch experienced by the cells to the measured bubble radii R(t) during

cavitation, we first define the material deformation gradient tensor F, as

F =


∂r
∂r0

0 0

0 r
r0

0

0 0 r
r0

 . (3.1)

Considering the high-rate of loading, the material can be treated to be near-incompressible

[149,150], i.e., det(F) = 1, yielding the following relationship:

∂r

∂r0
=
(r0
r

)2
. (3.2)

Equation 3.2 can then be solved in terms of the current radial position r(r0, t) as

r(r0, t) =
(
r30 +R(t)3 −R3

0

)1/3
, (3.3)

establishing a geometric relationship between any spatial position within the gel, r, and

the current and equilibrium bubble radii, R and R0, respectively. Finally, we define the

circumferential, or hoop, material stretch, λθ, during mechanical loading as

λθ(r0, t) =
r(r0, t)

r0
, (3.4)

with the average maximum tissue stretch occurring at the bubble wall over all experiments

during the time of largest bubble expansion defined as Λθ,

Λθ = λθ(R0, t|Rmax) =
Rmax

R0
. (3.5)
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While a similar relationship can be established for the radial stretches, we focus on the

predominantly tensile hoop (or circumferential) stretch, which prior work established to be

one of the most injurious modes of deformation to cells [4]. Figure 3.1d provides represen-

tative projected micrographs of neural cells labeled with the live cell indicator Calcein AM

that underwent a high-rate loading event, with the actual, measured hoop stretch magni-

tudes displayed by a distribution of radial rings. The maximum tensile hoop stretch occurs

at the time when the bubble is largest, i.e. when R(t) = Rmax. We correspondingly write a

quantity λθ,max as the hoop stretch experienced by cells at different radial positions at the

time of maximum bubble expansion,

λθ,max(r0) = λθ (r0, t|Rmax) , (3.6)

Thus, all hoop stretch levels λθ,max shown in Figure 3.1 correspond to the maximum tensile

stretches experienced by the cells as a function of radial distance from the bubble epicenter.

Consistent with mechanics-based models of inhomogeneous deformations induced by an

expanding and collapsing bubble, the deformation field decays rapidly with distance (∼

1/r3) away from the bubble wall.

As can be seen from the individual insets in Figure 3.1d, there is a clear transition in

cell morphology from a healthy network at stretches below λθ,max ≈ 1.05, to a pathology

marked by significant morphological degeneration at stretches of λθ,max > 1.2 to a complete

loss in Calcein AM signal at stretches of 2 and above. As fluorescence produced by Calcein

AM indicates intact function of intracellular esterases of living cells, complete loss in Calcein

AM signal indicates probable cell death. Spatial distances measured from the bubble center

directly correlate with the amount of physical stretch experienced by the cells (see Eqs. 3.3,

3.4). Therefore, we use a simple image subtraction procedure of the Calcein AM signal

in images before and after mechanical loading (i.e., cavitation). Notably, both of these

images are taken of the reference configuration, but the difference between them allows us

to quantitatively extract the radial boundary beyond which complete Calcein AM signal

was present and below which it was lost. We denote this significant position in the tissue as

r0 = RPI, which we call the primary injury radius.
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Figure 3.2a illustrates the general analysis procedure for identifying critical injury thresh-

olds associated with various pathological features shown in Figs. 3.1d and 3.3. Prior to

cavitation-induced loading of each sample a 3D volumetric image is obtained as the healthy

base, or reference, state. Next, we employ a modified form of our previously developed image

fitting routines [127] to accurately extract the time-varying bubble radii, R(t), from each of

the high-speed image frames recorded during the cavitation event. Finally, a high-resolution

3D post-scan of the same volumetric image stack is obtained and cellular morphologies

(labeled via Calcein AM or various immunocytochemical markers) different from their re-

spective base state are spatially marked.

Figure 3.2b provides a representative overlay of the best fit of the maximum bubble

radius, Rmax, and the final bubble equilibrium radius, R0, onto the high-speed brightfield

microscopy image. Across all performed experiments the values for Rmax and R0 ranged from

60 − 338 µm (N = 238) and 10 − 55 µm (N = 219), respectively, with the ratio between

them defining the maximum material stretch. As can been seen from Figure 3.2d, the scaling

between Rmax and R0 is highly linear (bisquare R2 = 0.971) across a large distribution of

maximum bubble radii with the median maximum bubble stretch ratio at the wall given by

Λθ = Rmax/R0 = 7.40 (Figure 3.2d, black).
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Figure 3.2: Procedure and image processing-based quantification of neural injury and critical
stretch-based injury thresholds. (a) The mechanical history of a sample is defined by a chronological
sequence of image sets: a 3D pre-cavitation reference set of live-stained cells, (b) a 2D ultra-high-speed video
of the high-rate loading cavitation bubble dynamics, including maximum size Rmax (orange) and quasi-
equilibrium size R0 (white), and (c) a 3D post-cavitation image stack of live-stained neural cells. Maximum
projections of the pre- (green) and post-cavitation (purple) image stacks are overlaid as an anaglyph image to
illustrate the region of complete cellular damage (white color indicates the time-colocalization of cells before
and after injury). A customized image subtraction algorithm computes a radius of primary injury (RPI,
magenta) for each injured 3D volume. (d) Both the primary injury (PI, green, N = 219 experiments) and
bubble equilibrium (black, N = 234) radii for each experiment (data points from (c) circled in magenta) scale
linearly with maximum bubble radius, suggesting a constant and invariant critical strain value for primary
mechanical injury. (e) Cumulative probability curve for defining the stretch-based thresholds for (or inverse
tolerance of) primary injury based on Calcein AM (50%, solid; 10%, dashed; 5%, dotted). (f) Points were
chosen for volumes (data from f highlighted in magenta) fluorescently labeled for f-actin (FA, royal blue;
n = 1003 points over N = 17 volumes), MAP2 (M2, sky blue; n = 291, N = 8), and β3-tubulin (β3,
spring green; n = 390, N = 8), converted into 3D radial measurements from the bubble center, and plotted
versus the maximum bubble radius. (g) For a subset of samples, end-point, 3D immunofluorescence imaging
provided further insight into structure-specific injury thresholds. Degenerate and damaged projections were
manually tagged within each sample (‘x’, magenta) through visual inspection. (h) Cumulative probability
curve for defining the stretch-based injury thresholds (or injury tolerance) for f-actin, β3-tubulin, and MAP2
(50%, solid; 10%, dashed; 5%, dotted). Scale bar for all images is 100 µm.

For each experiment pre- and post-cavitation, Calcein AM volumes are compared using

a custom image subtraction scheme in tandem with a quality-factor-based image correlation

technique [148] to determine a quantitative radial assessment for primary injury, RPI (Figure

3.2c). Across all sampled values for Rmax, the primary injury radius-to-maximum bubble

radius ratio, aPI = RPI/Rmax was direct (bisquare R2 = 0.869; N = 219) with median

a50PI = 0.969 (Figure 3.2d, green).

Due to the observation that injury occurs with less frequency further away from the

bubble center, we construct an inverse injury tolerance curve, similar in spirit to the Wayne
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State Injury Tolerance Curve [151], for neural cells (Figure 3.2e). Within the context of this

study, injury is defined pathomorphologically using either Calcein AM or immunochemical

markers for f-actin, β3−tubulin, and MAP2. Morphologically degenerate cellular features

are identified in comparison to the healthy base state prior to mechanical loading and spa-

tially marked with respect to the center of the cavitation bubble. Using Eqns. 3.1–3.4, we

can define critical injury or damage stretch thresholds based on their position within the 3D

image and relative to the stress-free, equilibrium bubble by,

λi ≡ λiθ,max = λθ,max(r0 = Ri) =

[
1 +

(
Ri
Rmax

)−3
−
(
R0/Rmax

Ri/Rmax

)3
]1/3

(3.7)

where Ri corresponds to the radial position at equilibrium identifying morphologically degen-

erate cellular features within each 3D image (Figure 3.2) for each of the employed structural

markers, i.e., i = {primary injury (PI; Calcein AM), f-actin (FA), β3-tubulin (β3), MAP2

(M2)}. To reduce subsequent notation burden, we will henceforth write the maximum hoop

stretch at a position r0 = Ri, λiθ,max, much more simply as λi.

For example, to calculate the critical injury threshold for primary injury (characterized

by a loss in Calcein AM signal, Figure 3.2c) Eq. 4.1 can be recast in terms of Λ0 and aPI

using the information provided by Figure 3.2d (i.e. the slopes of RPI/Rmax and R0/Rmax)

as,

λPI ≡ λθ,max(r0 = RPI) =

[
1 + (aPI)

3 −
(
aPI

Λ0

)3
]1/3

. (3.8)

The specific value of a critical injury threshold can then, in general, be defined according

to any desired percentile value within the cumulative distribution function; we report the

stretch values corresponding to 5% (dotted), 10% (dashed), and 50% (solid) values as intu-

itive potential threshold options. These stretch values represent the stretches below which

we only observe injury in the corresponding percentage of samples. For example, the 5%

injury threshold signifies a stretch value below which only 5% of the samples sustained injury

at lower stretches, or alternatively, 95% of samples were injured at stretches greater than

the 5% threshold value. The [5-10-50]-th percentile thresholds correspond to stretch values,

λPI, can be found summarized in Table 3.3 and are on the order of ∼ 1.2.
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Hoop Stretch Hoop Strain
λθ [−] Eθθ [−]

Percentile: 5th 10th 50th 5th 10th 50th

Primary Injury 1.152 1.187 1.287 0.141 0.171 0.253
f-actin 1.118 1.151 1.362 0.111 0.140 0.309
MAP2 1.061 1.075 1.182 0.059 0.073 0.168

β3-Tubulin 1.132 1.153 1.261 0.124 0.143 0.232
Hoop Strain Rate Cellular Stress
Ėθθ × 104 [s−1] σθθ [kPa]

Percentile: 5th 10th 50th 5th 10th 50th

Primary Injury 1.143 1.424 2.259 2.404 2.871 4.101
f-actin 0.879 1.133 2.917 1.928 2.386 4.956
MAP2 0.448 0.557 1.384 1.062 1.294 2.807

β3-Tubulin 0.987 1.154 2.029 2.128 2.421 3.781

Table 3.3: Critical mechanical thresholds at {5,10,50}-th percentile thresholds.
Critical stretch, hoop strain, hoop strain rate, and cellular stress estimates at the [5,10,50]-
th percentiles of the cumulative injury function (Figs. 3.2 and 3.5) for each of the examined
cellular and cytoskeletal damage features.

To provide more detail on the pathological outcome of commonly reported structural

constituents within the neural cells, we performed immunocytochemistry on a subset of

samples. In contrast to the primary injury radii which are determined per sample (N),

determination of critical injury thresholds for f-actin, β3−tubulin, and MAP2 are calculated

at all manually tagged locations (n) within the immunofluorescence image of each sample

(Figure 3.2f). More details on the identification and tagging procedure is described in

Chapter 3 Section 3.1. Analogous to calculating the primary injury critical stretch threshold,

we calculate the critical point-wise stretch values via Eq. 4.1 for f-actin (N = 17, n = 1003),

β3−tubulin (N = 8, n = 380), and MAP2 (N = 8, n = 291) using their respective radii

ratios shown in Figure 3.2g. As before, we construct a cumulative distribution function

to determine critical structural injury thresholds for the [5-10-50]-th percentile of damaged

projections for each marker (Figure 3.2h). The stretch values for the 5%, 10% and 50%

injury thresholds of {λf-actin, λMAP2, λβ3-tubulin} are summarized in Table 3.3 and range from

approximately 1 to 1.7.

To visually illustrate how well each of the above determined injury thresholds compares

with representative micrographs for each of the identified structural markers, we overlay
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the calculated injury risk percentiles on maximum intensity projections of representative 3D

volumes which experienced approximately equivalent maximum bubble expansion and hoop

stretch (Rmax, Figure 3.3). Figure 3.3a highlights the superposition of Calcein AM images

taken before and after mechanical loading as an anaglyph image, while Figure 3.3b–d are

immunofluorescence images selecting for f-actin, MAP2, and β3-tubulin, respectively. Figure

3.3e–h highlights cells around the 5th, 10th and 50th percentile injury thresholds, with the

primary injury radius RPI highlighted by the magenta line, and several damaged projections

highlighted by magenta triangles. Qualitatively, these images show that injury threshold

percentiles between 10% and 50% provide a good lower (conservative) bound for predicting

high-rate cellular injury. Up to this point, we have computed critical, stretch-based injury

thresholds for Calcein AM, f-actin, MAP2, and β3-tubulin, and provided both a qualitative

and quantitative assessment of the accuracy of these metrics in predicting structural (or

primary) injury in our 3D in vitro model of TBI (Figs. 3.1-3.3). However, it is important to

note that the deformations applied by the expanding and collapsing microcavitation bubble

occur in a rapid, oscillatory fashion (Figure 3.4a-b) subjecting cells to significant changes in

the applied loading rate. Instead of expressing the rate of deformation in terms of a stretch

rate, we utilize the widely used metric of strain rate.

The advantage here is that both strain rate and strain are commonly-employed quan-

tification metrics of mechanical deformations used in cell mechanics, biophysics [4, 95, 141,

152, 153] and computational modeling of brain injury [10, 11, 154, 155]. Conveniently, the

logarithmic, or Hencky, strain is simply defined as the natural log of the material stretch,

i.e., Eθθ = Eφφ = ln(λθ), and Err = −2 ln(λθ), where both strain and stretch are functions

of position r0 and time t. As neural cells are commonly considered to be susceptible to ten-

sile deformations [20, 156–159], we concern ourselves primarily with the tensile hoop strain

components Eθθ = Eφφ, just as we did in the case for the hoop stretch, λθ. The strain

rate is then the material (or total) time derivative of the material hoop strain, dEθθdt denoted

Ėθθ. The selection of strain reporting criteria is up to the end-user, and conversion of our

reported Hencky strain to other commonly used strain metrics (e.g., Equivalent von Mises

strain and maximum principal strain (MPS)) can be accomplished as described below.
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Figure 3.3: Representative maximum intensity projection micrographs of neural cell injury
pathology and associated injury thresholds limits. (a) Anaglyph maximum projection image of pre-
(green) and post-cavitation (purple) states of neural cells in 3D culture illustrating the damaging effect of
a high-rate mechanical loading event; cells remaining healthy and intact are shown in white (indicating
colocalization in both pre- and post-cavitation images). End-point maximum intensity projection images
of immunocytochemical markers show (b) f-actin (royal blue), (c) MAP2 (sky blue), and (d) β3-tubulin
(spring green) post-cavitation. For a-d, the bubble epicenter is located at the respective image corner
(red ‘x’), and overlaid are the sample-specific Rmax size (orange). Scale bar, 50 µm. Expanded maximum
projection micrographs of (e) live-stained neural cells (green) with (dataset-specific) associated primary
injury radius (RPI, magenta) and cytoskeletal components (f) f-actin (royal blue), (g) MAP2 (sky blue), and
(h) β3-tubulin (spring green) with (dataset-specific) tagged damaged projections (triangles, magenta) after
high-rate mechanical loading. For (e-h), scale bar, 20 µm. For all panels, overlaid are the corresponding
50% (solid line), 10% (dashed line), and 5% (dotted line) injury percentiles from the population analysis
(Figure 3.2), scaled by the sample-specific maximum bubble radii Rmax.
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Equivalent, or von Mises Strain. In general, a deformation-based primary strain injury

criteria Ēc first assumes that failure is just a function of (e.g. Hencky) strain, e.g. f(E) = Ēc.

If the failure criterion for cells is considered to be isotropic, the function f depends only on

the principal invariants of E, namely I1 = tr(E) (in our case, zero due to the assumption of

incompressibility), I2 = EijEij , and I3 = det(E), implying f(I2, I3) = Ēc. It is important

to note that cells may be affected differently in compression and tension; various studies

have imposed different types of quasistatic deformation or moderate strain-rate deformation

fields [4,95,141] and found different types of resulting cytoskeletal and plasmalemma damage.

As the case of ultra-high-rate tensile versus compressive deformation on neural cells has

not yet been well characterized, we could remove reliance of Ēc on I3, which encodes the

difference between compressive and tensile deformation. Sole dependence on I2 allows us to

conveniently formulate the injury criterion Ēc using the equivalent, or von Mises strain Ē,

written generally as

Ē =

√
2

3
E′ijE

′
ij , (3.9)

where E′ij is the deviatoric portion of the hencky strain, and in the specific case of spherical

bubble motion with local incompressibility we can define the equation for logarithmic (or

Hencky), strain straightforwardly as the natural log of the material stretch, i.e., Eθθ =

Eφφ = ln(λθ), and Err = −2 ln(λθ), as previously discussed. This yields the relation that

the Equivalent strain is given by,

Ē =

√
2

3

[
4 ln(λθ)

2 + ln(λθ)2 + ln(λθ)2
]

= 2 ln(λθ). (3.10)

Maximum Principal Strain. Since the bubble is spherically symmetric, and the system is

considered to not rotate during bubble motion, the deformation state is purely that of

normal stretches. By definition, a deformation state comprised only of normal stretches is

a principal state. The further assumption of incompressibility defines the relation between

radial and hoop (in both angular directions) stretches and strains. The deformation gradient
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tensor for the incompressible, spherically symmetric bubble is given by:

F =


λ−2θ 0 0

0 λθ 0

0 0 λθ

 , (3.11)

where λθ(r0, t) = r(r0, t)/r0 is the circumferential, or hoop stretch experienced by a material

point originally located at a radial position r0 at later times, t. The logarithmic (true, or

Hencky) strain in the material outside the bubble is then the logarithm of this matrix,

resulting in

E =


−2 ln(λθ) 0 0

0 ln(λθ) 0

0 0 ln(λθ)

 . (3.12)

The maximum principal strain (MPS), or largest value of strain, then depends on whether

the bubble is larger or smaller than the equilibrium radius. For a bubble larger than the

equilibrium radius, MPS(R(t) > R0) = Eθθ = Eφφ = ln(λθ). In a state where the bubble is

smaller than the equilibrium radius the MPS is instead the radial component of strain, or

MPS(R(t) > R0) = Err = −2 ln(λθ).

In line with the literature indicating the susceptibility of neural cells to tensile deforma-

tions as discussed earlier, the remainder of this work will utilize logarithmic strain metrics.

Figures 3.4b and 3.4c provide a general overview of the dynamic changes in hoop stretch

(Figure 3.4b), hoop strain and strain rate (Figure 3.4c) at the bubble wall, which is the

location of maximum stretch and strain generated in the material. One apparent feature in

each of the plots in Figures 3.4b and 3.4c are the sharp curvature points around the vari-

ous bubble collapse points (e.g., t ' 20µs, 40µs, etc.), which produces some of the highest

loading rates observed in the material (Ėθθ > 107 s−1). To fully resolve these transitions

in bubble and material behavior we utilize our previously developed inertial microcavita-

tion rheometry (IMR) technique, which allows for both least squares fitting and temporal

interpolation of the entire cavitation process.

During maximum expansion, logarithmic hoop strains near the bubble wall are large
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and finite, peaking at Eθθ = 1.81 for the representative sample in Figure 3.4c (blue curve).

Logarithmic strain rates (Figure 3.4c, red dotted curve) are similarly large, reaching peak

values of Ėθθ = 107.4 1/s at the time of bubble collapse, tc. At all times, the applied strain

rates as shown in Figure 3.4c are significantly higher than those commonly reported in the

blunt and mild TBI literature [4, 95, 129, 160], consistent with high-loading rate phenom-

ena encountered in blast, cavitation or pressure-driven (sonic) scenarios. Analogous to our

stretch calculations, we compute the time-maxima of the hoop strain due to the cavitation

bubble, Emarker
θθ ≡ max

t
(Eθθ(r0 = Rmarker, t)), and of its associated strain rate, Ėmarker

θθ , at

the percentile damage threshold locations. The critical hoop strains, {EPI
θθ , E

FA
θθ , E

M2
θθ , E

β3
θθ },

and maximum strain rates, {ĖPI
θθ , Ė

FA
θθ , Ė

M2
θθ , Ė

β3
θθ } at the [5-10-50]-th percentile damage

threshold locations are summarized in Table 3.3 and are on the order of 0.06 to 0.25, and

∼ 104s−1, respectively. It is notable that the peak instantaneous strain rate, Ė, occur at

the time of first collapse.

Since neural cells, like many other bodily tissues, are well-described as rate-dependent

viscoelastic materials, one way to account for both the large strains and high strain rates

experienced by the cells is to introduce a rate-dependent, large deformation constitutive

model for estimating actual cell stresses. Such an approach is quite common for biological

scenarios that show strong loading rate dependence [161, 162]. To estimate the deviatoric

(i.e. removing the effect of the atmospheric baseline pressure, p∞) cellular stresses we employ

a simple, non-linear Neo-Hookean Kelvin-Voigt model capable of both describing the large

strain elastic, and high-rate viscous behavior. Furthermore, based on our prior work [4], we

assume displacement continuity across the cell-collagen gel interface, allowing us to prescribe

the same strains and strain rates to the cells as measured by IMR in our neural tissue model

(Figure 3.4c). The deviatoric hoop stress for a non-linear Kelvin-Voigt material takes the

form of:

σθθ =
G

3

(
λ2θ − λ−4θ

)
+

2µλ̇θ
λθ

, (3.13)

where G and µ denote the dynamic shear modulus and viscosity of the material, respectively.

It can be seen from Eq. 3.13 that the total cell stress in the Kelvin-Voigt model is a

straightforward addition of the elastic and viscous stress terms.
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Figure 3.4: Temporal evolution of
the applied and experienced cellu-
lar deformations and stresses. (a)
High-speed time-lapse image series of a
representative oscillating cavitation bub-
ble generated inside the 3D neural tis-
sue scaffold. Rmax and R0 denote the
maximum and equilibrium bubble radii,
respectively, from which all relevant de-
formation quantities are calculated. (b)
Generated material hoop stretch at the
bubble wall, λθ(R0, t), due to the micro-
cavitation bubble. Black dots indicate
experimental data points extracted from
high-speed videography to compute hoop
stretch. Solid blue lines denote best fit,
demonstrated by a defined minimum in
the least squares error cost function space
φ(G,µ) (inset), of the cavitation dynamics
using our previously developed IMR tech-
nique [127] and assuming the neural tis-
sue to be well-described by a non-linear
Kelvin-Voigt material model (See Chap-
ter 3 Section 3.2). (c) Temporal evolution
of the absolute magnitude of the logarith-
mic (Hencky) hoop strain, Eθθ(R0, t) (blue
line), and the temporal evolution of the log
of the magnitude of the hoop strain rate,
Ėθθ (dashed orange line), each computed
from the IMR best-fit material properties
in (b). (d) Absolute cellular hoop stress
estimates over time, assuming a nonlinear
Kelvin-Voigt constitutive model with G =
9.5 kPa and µ = 0.088 Pa·s, at the bubble
wall (solid blue) and spatial locations cor-
responding to the 10% damage thresholds
for primary injury (PI, dashed green), β3-
tubulin (β3, dashed spring green), MAP2
(M2, dashed sky blue), and f-actin (FA,
dashed royal blue).

To compute cellular stresses we estimate both G and µ from previously published lit-

erature estimates. The elastic properties for neural cells can vary based on the examined

subcellular compartment, with somatic values approaching several hundred Pa [163] and

stiffness estimates of axonal projections ranging from 9.5-12 kPa [164,165]. Considering that

most of our pathology overwhelmingly presents degeneration and damage along cytoskeletal

projections, we adopt G = 9.5 kPa as our elastic parameter for estimating the mechanical

stresses within neural cell projections. Given a scarcity of viscosity measurements for cells,

particularly for neural cells under high loading rates, we estimate the dynamic viscosity, µ,

for our neural cells using a combination of material calibration measurements via IMR, and



70

Figure 3.5: Critical injury thresholds for neural
cells in terms of stretch, logarithmic (Hencky)
strain and strain rate, and cellular stress as
a function of normalized position r0/Rmax. (a)
Shown is a to-scale three-panel schematic of our neu-
ral tissue just before cavitation (t < 0), at maximum
bubble size (t = 0), and at quasi-equilibrium post-
cavitation (t � 0). Highlighted are representative vol-
umes at the true spatial locations of the 10th injury per-
centile for primary injury (PI; green plus), and degener-
ate projections for β3-tubulin (β3, spring green, trian-
gle), f-actin (FA royal blue, star), and MAP2 (M2, sky
blue, square). During maximum bubble expansion vol-
umes are displaced and stretched, with volumes closer
to the bubble wall experiencing higher strain than those
farther away. (b) Hoop stretch, λθ, as a function of nor-
malized radial distance within the neural tissue at time
of maximum bubble expansion/tissue stretch and to-
scale with (a). (c) Hoop strain at maximum bubble ex-
pansion (black) and strain-rate (red to black gradient)
as a function of position in the material during the full
dynamic cavitation process. (d) Cellular hoop stresses
as a function of position corresponding to the positions
of 10th percentile injury (e) Representative fluorescent
maximum intensity projections of injured cells at posi-
tions of the 10% damage thresholds for primary injury,
β3-tubulin, f-actin, and MAP2.

a scaling argument based on literature values. First, using IMR we determined the dynamic

viscosity of our 3D collagen-cell in vitro model to be approximately 0.088 Pa·s (Figure 3.4b).

Since the volume fraction of neural cells within our collagen scaffold is less than one per-

cent, we assume that the viscous behavior is predominantly driven by the collagen fibers.

When comparing our high-rate, dynamic viscosity measurement to low, or quasi-static rate

(∼ 0.1–1 Hz) estimates from the literature for type I collagen gels, i.e., values around ∼

2–3 Pa·s [166, 167], we, consistent with the literature, attribute this discrepancy to the

well-known shear-thinning effect of collagen at high-rate [168, 169]. Since quasi-static, low

frequency estimates on the dynamic viscosity in neurons have been reported to be around
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∼ 2–3 Pa·s [170], which is very similar to type I collagen at low frequencies, we assume a

similar scaling on the high-rate dynamic viscosity as we did with collagen, and thus assign

the same value of our cell-gel system to the cells directly, i.e., µ = 0.088 Pa·s.

Figure 3.4d displays the temporally evolving cytoskeletal cell stresses at the bubble wall

(solid blue), as well as at the locations corresponding to the 10th percentile injury prob-

ability for each of the cytoskeletal structures (dashed). Estimates of the maximum stress

experienced by cells at positions of interest, σmarker
θθ ≡ max

t

(
|σmarker
θθ (r0 = Rmarker, t)|

)
, cor-

responding to the [5,10,50]-th damage thresholds for {σPI
θθ , σ

FA
θθ , σ

M2
θθ , σ

β3
θθ }, are summarized

in Table 3.3 and range from ∼1-5 kPa. Since the cellular stresses are a sum of the rate-

dependent viscous and rate-independent elastic stress contributions, the shape and evolution

of the cell stresses present a temporal shape evolution in between Eθθ and Ėθθ (Figure 3.4c),

with the highest stresses occurring closest to the bubble wall (∼ 5.2 MPa).

3.4 Discussion

Our current ability to predict, diagnose, and mitigate high-rate tissue injuries such as those

that arise during advanced, sonic- and laser-based medical treatments, or in hazardous

environments including blast and directed energy exposures, is limited by our understanding

of the unique pathology of high-rate injury itself and the resolution of associated critical

injury thresholds. By carefully integrating a physiologically relevant, 3D in vitro neural

tissue culture model with our recently pioneered inertial microcavitation rheology (IMR)

technique, we provide high-resolution, structural information on the unique injury pathology

of cells experiencing high-rate mechanical loading, i.e., strain rates in excess of 103 1/s.

Using 3D volumetric image reconstruction via confocal and multiphoton imaging in tandem

with IMR, we provide quantitative estimates of several key physical quantities producing

this pathology (Figure 3.5). Specifically, we provide estimates of critical stretch, strain,

strain rate and cell stress thresholds for the failure of neural projections containing common

subcellular structural components such as microtubules, filamentous actin (f-actin), and

microtubule-associated protein-2 (MAP2).
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Figure 3.6: Bubble expansion and collapse times as a function of maximum bubble radius.
Time from nucleation to maximum bubble radius (te; red circles) and the time from maximum bubble
radius to collapse (tc; blue circles) as a function of maximum bubble radius, Rmax, estimated as the roots
of a quartic function fit to the first expansion-collapse cycle of all high sampling frequency (1.0 MHz) data.
Linear regression coefficients (me = 0.085,mc = 0.105) are used to estimate expansion times for data within
the experimental bubble range (grey shaded region).

In particular, we observe differing stretch tolerances of projections containing different

subcellular components, which can be found summarized in Table 3.3 and Figure 3.5. To

estimate an effective loading strain rate leading to maximum tissue strain (Eθθ), we compute

the average loading strain rate, Ėθθ, as the maximum tissue strain, i.e., Eθθ at the time of

Rmax, divided by the time to full bubble expansion, te (Figure 3.6). Since te is dependent on

the actual final bubble size (Rmax), whereas the maximum tissue stretch and strain are only

dependent upon the ratio of Rmax/R0, we can only provide a general range of average loading

strain rates for a nominally single value of critical injury stretch (Table 3.4). In analyzing

the relatively conservative 10th percentile stretch damage thresholds we find that, in order

of decreasing stretch sensitivity, projections containing MAP2 are damaged at the lowest

strains of EM2
θθ = 7.3% (2.5×103 . ¯̇EM2

θθ . 1.4×104 s−1), followed by f-actin- and β3-tubulin-

containing projections at strains of EFA
θθ , E

β3
θθ ' 14% (4.9 × 103 . ¯̇Eβ3θθ ,

¯̇EFA
θθ . 2.8 × 104

s−1) (Figure 3.5c). The total disruption of overall cellular architecture (RPI)—specifically

the depletion of intracellular esterase activity—was found to require the largest strains of

EPI
θθ = 17% (6.0× 103 . ¯̇EPI

θθ . 3.4× 104 s−1 ).
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Average Loading Strain Rate
(‘Largest — Smallest’ Bubble Size), Ėθθ [s−1]

Wall 5th-PCTL
Bubble Wall 6.3× 104 − 3.6× 105 —

Primary Injury — 8.8× 103 − 5.0× 104

F-actin — 1.1× 104 − 6.1× 104

MAP2 — 5.9× 103 − 3.3× 104

β3-Tubulin — 8.1× 103 − 4.6× 104

10th-PCTL 50th-PCTL
Bubble Wall — —

Primary Injury 6.0× 103 − 3.4× 104 4.9× 103 − 2.8× 104

F-actin 4.9× 103 − 2.8× 104 3.8× 103 − 2.2× 104

MAP2 2.5× 103 − 1.4× 104 2.1× 103 − 1.2× 104

β3-Tubulin 5.0× 103 − 2.8× 104 4.3× 103 − 2.5× 104

Table 3.4: Effective loading strain rate ranges. Lower and upper bounds estimates
of effective loading strain rate for the largest to smallest bubbles observed experimentally,
respectively, at [5,10,50]-th percentiles of the cumulative injury function for each of the
examined cellular and cytoskeletal damage features.

The selection of the cytoskeletal markers examined here are intended to provide granu-

larity with respect to the susceptibility of cell-type and neuronal sub-compartments to high-

rate, stretch-induced damage. Given the nature of our polyculture of neuronal and glial cells

used here, the selection of β3-tubulin for microtubules provides specificity for neuronal pro-

jections, whereas f-actin is general to the full neural cell population (including astrocytes)

providing a more general projection failure criteria across all cell-types [56]. The measured

failure of f-actin- and microtubule-containing projections, in aggregate, under nearly equiva-

lent loading, is intuitive at diffraction-limited length scales for the following reason. F-actin

and microtubules are co-localized throughout the majority of the cytostructure of most neu-

ral cells despite having different intracellular organization and persistence lengths based on

the sub-compartment and cell type examined [46, 158, 159]. For example, in the axon of a

neuron, f-actin forms periodic ring structures with spectrin and other proteins, while micro-

tubules form long aligned structures along the length of the projection [171]. Both f-actin

and microtubule components have been shown to exhibit a rate-dependent susceptibility in

silico to tensile failure in neural cells with an increased dependence on the rate of defor-

mation [157–159]. These high-rate (108 − 109 1/s) molecular dynamics (MD) simulations
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indicate that onset of failure for microtubules and actin-spectrin structures begins at differ-

ent logarithmic strain thresholds of ∼ 0.15 and ∼ 0.17, respectively [157,159]. The closeness

of our measured 10th percentile stretch damage thresholds (at strains of ∼ 0.14) for both

f-actin and microtubules, coupled with the MD prediction of different failure criteria for

f-actin and microtubules, suggests that in the combined system microtubules may act as the

limiting component of the projection structure. It might also suggest that beyond a critical

strain rate, i.e., Ėθθ ∼ O(& 103 1/s), that the critical injury strain, or strain to failure, may

be relatively strain rate insensitive. Finally, The damage of projections containing MAP2,

which is generally consigned to microtubules of the dendrites of mature neurons [172], oc-

curing at lower strain thresholds (∼ 0.07) than the general neuronal microtubule-containing

(∼ 0.14 strain) projections suggests the existence of a dependence on the micro-structural

differences of axons vs. dendrites [171] with respect to strain tolerance. We thus inter-

pret the apparent failure of MAP2-containing, or dendritic, projections (under equivalent

loading) at a lower strain threshold as the potential existence of a stress-dependent injury

criterion.

The existence of a stress-dependent injury criterion can be intuitively understood through

the notion that a load exerted on a structure will be experienced differently depending on

the organization and interaction between the structural components within the system. A

more nuanced interpretation comes from an understanding of the role the organization and

structure of the cytoskeleton of different subcellular compartments play in the cells’ suscep-

tibility to injury. The arrangement of microtubules differs between neuronal compartments.

Axons can consist of ∼ 10 − 100 microtubules organized into uniform bundles with the

plus-end oriented toward the synapse; these bundles are stabilized through binding with

tau proteins [63], whereas in dendrites the microtubule orientation is diverse, with many

microtubules oriented with the minus-end oriented away from the cell body stabilized by

MAP2 [63,172]. Similarly, the organization of f-actin in the axon and dendrites differ. In the

axon, f-actin and spectrin form periodic rings along the length of the axon, whereas the den-

drites consist of a mix of linear and branched f-actin networks [60,171]. The rate dependence

for failure of these structures has been shown to relate to protein associations within the
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structure, including the susceptibility of spectrin unfolding under high-rate loading for f-actin

failure [157], and sliding-stretching behavior of microtubules through the viscous unfolding

and dissociation of microtubule-associated proteins [173]. The rate-dependent protein as-

sociation and micro-scale structural protein architecture differences signal the importance

of mechanical thresholds that take into account the complexity of the stresses experienced

at locations of cellular failure. To address this, we provide initial estimates of the cellular

stress for neural projection failure (Figure 3.5c), as summarized in Table 3.3 at the [5-10-

50]-th stretch damage thresholds. While these estimates incorporate the non-linear elastic,

and linear viscous/rate-dependent contributions of the physical structure of each neural cell,

they only provide whole system (i.e., the entire cellular projection modeled as one) stress

estimates, rather than stress estimates on the actual subcellular structural units. Resolution

of subcellular, protein-level-specific injury stresses is an exciting area of active research, and

current modeling efforts should shed more light onto the distribution of internal stresses

within the overall structure-level stresses presented here. The representative morphology of

cellular damage metrics is highlighted at the 10th percentile damage thresholds in Figure

3.5e, where example degenerate projections can be seen highlighted.

Lastly, we note that all of the observed cellular injury falls within 2.5 times of the

maximum bubble radius for each data set (Figure 3.1d), beyond which all strains and elastic

stress contributions become negligible (e.g., Eθθ < 2.5%) Figure 3.5c-d. Interestingly, the

strain rate remains non-zero (Figure 3.5c) leading to a small remnant deviatoric viscous stress

(< 400 Pa), which we do not observe to be injurious. These spatial scaling observations are

consistent with our previous analysis of inertial cavitation bubbles showing that most of the

significant material deformations occur within 2.5 times Rmax from the bubble center [127].

While our work has focused on the acute pathology and structural metrics of injury,

future work will investigate potential additional injury sequelae often seen in cellular and

tissue injuries, including, but not limited to, the inflammatory response and activation of

glial cells including astrocytes and microglia. One of the significant advantages of the high-

rate loading model presented here is its optical nature and modularity, that is, it can be
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straightforwardly adapted to introduce high-rate loading in tissues of heightened physiologi-

cal relevance including cortical spheroids, organoids, and in vivo tissues [136,174]. It should

be noted that while our cavitation-based approach is minimally invasive and modular, the

nature of the applied deformations are intrinsically tied to the resulting cavitation bubble

dynamics, often introducing an oscillatory, repeated loading pattern of spatiotemporally

varying strain and strain-rate. This is a deviation from much of the previous literature on

TBI, in which most experimental platforms subjected cells and tissues to relatively sim-

ple, single, and uniform deformation profiles [4, 13, 95, 141, 160]. However, one could argue

that the cyclic loading profile of the oscillating bubble reflects a more physically realistic

loading scenario during real-world events or in clinical applications [136]. As a final note,

laser-induction of cavitation (LIC) is inherently a thermal process, and as such it is impor-

tant to discuss any potential effects of thermal energy deposition on the system. While the

temperature fields at the center of the bubble can indeed be significant (upwards of 5000K

for a duration on the order of nanoseconds), the critical injury thresholds reported in this

paper are a direct result of the mechanical rather than the thermal loading for the following

reasons: Prior high-fidelity simulation work has shown that most of the material outside

the bubble is near isothermal and ambient temperature conditions and that there is little

effective heat transfer across the bubble wall, in particular during the time interval when

the material and cells experience maximum stretch and strain [175, 176]. Considering that

our critical injury thresholds are derived from measurements significant distances away from

the bubble wall (no injury measure was derived from inside the bubble), any possible ther-

mal effect should be negligible. Secondly, due to the stochastic nature of our laser-induced

cavitation experiments, several samples where exposed to the same laser pulse but did not

cavitate. Yet none of these samples showed any quantifiable change in intracellular esterase

signal or cell morphology on the timescales examined or several hours after the regular

post-(non-)cavitation imaging when compared to our unexposed control samples.

Our IMR technique is not just limited to investigations detailing neural injury, but rather

can be employed broadly across many different tissue models and anatomical constituents.
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Finally, while IMR provides a highly controlled and repeatable means of introducing high-

rate mechanical loading to cellular and tissue constructs, the theoretical backbone of IMR

also allows for the extraction of relevant high-rate material properties from the tissue system

under interrogation. In the case for our collagen-based neural cell tissues we showed that

using a non-linear Kelvin-Voigt material model, IMR determined the dynamic shear modulus

and viscosity to beG = 19.1 kPa, and µ = 0.088 Pa·s, which falls within the the range of prior

characterization results on brain and brain-like tissues [177,178]. Thus, the IMR framework

allows for the inverse determination of the physical properties (for example, the elastic

shear modulus, dynamic viscosity, and analogous parameters for other viscoelastic models

[15]) for various tissues and cellular systems at high-rate (e.g., ballistic and blast loading

rates), which remain to be a significant challenge to obtain via traditional characterization

methods. Coupled with data-driven methods for constitutive model identification [179], IMR

has considerable potential for high-rate material calibration for these complex biomaterial

systems.

In summary, in this study we provide significant new insight into the cellular pathology

of neural cells undergoing high-rate deformations such as those arising in advanced sonic and

laser-based medical procedures or hazardous environments that feature significant internal

or external pressure exposures (e.g., directed-energy or blast exposures). Specifically, we

provide quantitative information on the critical stretch, strain and stress values required to

injure neural cells during high rating exposures, which should provide a scientific basis for

the development of advanced brain injury predictive diagnostics, and mitigation strategies

in medical procedures to limit collateral tissue damage, especially in the central nervous

system.



Chapter 4

Contribution of Extracellular Matrix

Constituents on Neural Cellular

Injury Tolerance Thresholds

4.1 Introduction

The natural extension of the work presented in Chapter 3 is to release the samples from

the time scale of a purely mechanical, or primary, injury and allow the cells to develop

a secondary biochemical, or pathway-dependent, injury pathology in response to high-rate

mechanical loading [4,26,31,95,120]. While an experimentally simple extension of this work,

requiring the cells be provided only additional time in vitro following injury and prior to

end-point analysis being completed, it is not without conceptual hurdles.

First, knowledge of the initial pathway drivers responsible for the downstream activation

of mechanically-induced cell death in TBI are at present insufficiently understood [120]. As

it is widely accepted that mechanotransduction-based pathway activation in response to

forces into (and out of) the cell is dependent on the specific connections between the cell

and the extracellular space (i.e., integrins, cahderins, etc.), these connections potentially

carry important implications for biological outcomes following injury [73, 118–120]. While

78
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collagen-I hydrogels, such as those used in chapter 3, provide a reproducible mechanical

system [4, 25, 26, 56] mechanotransduction is limited to signal transmission through α1β1

and α2β1 integrins [86, 87]. Comparatively, integrin connectivity in the CNS is known to

be supported through interactions between nine currently documented integrin-ligand pairs

[73,86,87]. This presents an overly limited array of avenues for the experimental activation of

mechanotransduction-based pathways in response to mechanical loading, making delineation

of mechanically-dependent secondary injury thresholds challenging.

Additionally, when considering the development of injury tolerance thresholds for sec-

ondary pathway activation it is important to remain conservative. As cells at or above the

primary injury tolerance thresholds (Chapter 3) have a higher probability of experiencing

projection blunting, or axotomy, it is reasonable to conclude that they would develop a sec-

ondary biological pathway response analogous to the observation of Wallerian degeneration

following axotomy in the peripheral nervous system (PNS) [25, 180]. While Wallerian de-

generation has not specifically been described in neurons of the central nervous system, the

existence of this pathway in the PNS shifts the delineation of conservative injury tolerance

thresholds beyond cells exclusively experiencing projection blunting or axotomy. Further,

given that the deformation field surrounding the injurious cavitation bubble decays rapidly

with distance (∼ 1/r3) away from the bubble wall a conservative secondary injury threshold

should reasonably be associated with cells experiencing small stretches and strains below

the threshold required for projection blunting. In other words, where cells following defor-

mation remain morphologically in-tact while still presenting with a secondary biochemical

injury pathology (e.g., Apoptosis, Reactive Oxygen Species generation, DNA damage, etc.).

As the sensitivity of different avenues for the introduction of mechanically-activated cell

death through different integrins is unknown [120], it is important to not unduly restrict the

availability of cells to form diverse connections to the environment.

Finally, consistent with the potential for an integrin-dependency in secondary injury

mechanotransduction discussed above, we cannot reasonably preclude the possibility of an

integrin-dependency on a cell’s experience of the primary injury loading event. The current

understanding of the physical connection between the cytoskeleton and the cytoplasmic
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domain of a focal adhesion is believed to be supported by the β-subunit of integrins [90].

Of the nine documented integrin pairs in the CNS, eight have been described as carrying

a β1 subunit [73, 86, 87]. In this way the examination of high-rate injury phenomenon in a

collagen-I system comprised of β subunits consistent with the majority β subunit-type in the

native CNS, remains supported. However, as neural cells are considered highly susceptible to

tensile deformations [20,156–159] and the application of tensile loading to a cell is dependent

on the ability of a cell to maintain its connection to the extracellular space, a potential for an

integrin dependent blunting of neural projections from direct mechanical loading remains.

Work in this chapter will begin the exploration of primary mechanical injury in a 3D

in vitro hydrogel model of increased ligand-diversity to determine whether an integrin-

dependency exists within primary mechanical injury at high loading rates. To accomplish

this initial work, a 3D hydrogel-based cell culture platform will be created using a mixture

cortical neural cells from Sprague-Dawley rat pups and reconstituted basement membrane

proteins, or Matrigel, following previously established protocols from Laplaca et al. in their

book chapter on 3D neural cell culture [78]. The hydrogel model will be integrated with

a laser-induced cavitation system, allowing for spatially-focused application of spherically

symmetric deformation fields on neural cellular populations consistent with the methodol-

ogy employed in Chapter 3. This chapter will aim to validate the assumption that α1β1

and α2β1 integrins are alone sufficient to provide a representative model of physiologically

realistic primary mechanical injury pathology in vitro.

4.2 Methods

4.2.1 Preparation of 3D Matrigel Hydrogels

*Note: Common reagent mixtures can be found in Chapter 2

Matrigel (Dow Corning, Tewksbury, MA) hydrogel samples were made to a final concen-

tration of 7.5 mg/mL according to the manufacturer’s standard protocol. Stock Matrigel

(22 mg/mL) was thawed on ice at 4oC overnight prior to the day of dissection. As stock
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Matrigel is highly viscous, the stock solution is first diluted to an intermediate concentration

of ∼ 9.5 mg/mL on ice with cortical complete media to aid in the accurate pipette mixing of

the solution. After initial dilution, Matrigel is quickly vortexed before being placed back on

ice. Matrigel is then diluted to a final concentration of 7.5 mg/mL with cell suspension and

triturated on ice until the solution is well mixed (∼10-15 times). Matrigel samples are then

cast in the inset well of a glass-bottomed 48-well plate (MatTek, Ashland, MA) by pipetting

60 µL of Matrigel/cell solution into each individual well. The resulting sample geometry is

a 6 mm diameter by ∼ 2 mm tall cylindrical hydrogel.

Samples were allowed to polymerize in a humidified incubator at 37oC and 5% CO2

for approximately 20 minutes after which 300 µL of cortical complete media was added to

each well. Cells were incubated for 7 days in vitro and fed every 24-48 hours to undergo

neurogensis, after which time neural cells showed a high degree of network connectivity

(Figure 4.1a) consitent with previous work [25].

4.2.2 Live- and fixed-cell Labeling and Image Acquisition

Consistent with protocols outlined in Chapters 2 and 3, Matrigel-based cellular populations

were stained for Calcein Acetoxymethyl (AM) to obtain live-cell morphological data analy-

sis. Calcein AM staining protocols were completed in HA+B−27 media at a concentration

of 20 µM, the incubation time was experimentally extended from previous protocols to a

90 minute incubation in a humidified incubator at 37oC and 5% CO2 to sufficiently la-

bel the Matrigel-embedded neural cells. Following incubation, staining media was replaced

with naïve HA+B−27 media for imaging in the absence of a CO2 environment. For all

live-cell experiments, calcein AM imaging protocols were extended to a 1×2 large image

stitch three-dimensional format, consisting of 1024×1946×11 (1.24×1.24 µm spacing in x-y,

10 µm spacing in z) image z-stacks of neural cells immediately prior to and immediately

following the generation of laser-induced cavitation. Images were acquired using a Nikon

A-1 multiphoton system, mounted on a Ti2 inverted optical microscope controlled by NIS-

elements software (Nikon, Tokyo, Japan). Physiological conditions were approximated via

a thermally-controlled 37◦C scope-top incubator box with a closed-loop Air-Therm heater
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(World Precision Instruments, Sarasota, FL). Samples were secured during imaging us-

ing a well plate holder (Ti-SH-W; Nikon), as in previous work, to reduce rigid motion

over the course of the experiment. Multiphoton z-stack images of the calcein AM signal

were acquired ±50µm above and below the cavitation epicenter (z-height: 600 µm) with

a 10 µm z-increment resulting in a pseudo-3D multiphoton volume stacks, consistent with

prior work [25]. Samples were deformed through the deposition of a single cavitation event

spatially-focused 600 µm above the bottom cover glass within the calcein AM volume. The

initiation and recording of cavitation dynamics were acquired consistent with methodologies

described in detail in Chapters 2 and 3 [25]. Briefly, 256 frames of 250×400 pixel high-speed

videography were acquired for each cavitation event using a Shimadzu HPV-X2 (Shimadzu

Corporation, Kyoto, Japan) with time synchronized 10 ns pulsed laser illumination pro-

vided by a CaviLux-640 system (Cavitar Ltd., Tampere, Finland). To further decrease

the time-delay between cavitation generation and post-cavitation imaging, samples were

chemically fixed immediately following cavitation while simultaneously being imaged for the

post-cavitation configuration rather than delaying fixation until post-cavitation imaging was

completed.

Cellular fixation was accomplished with 4% (v/v) paraformaldehyde and 8% (w/v) su-

crose for 30 minutes, before being washed with 1X PBS four times, for 15 minutes each.

Samples were subsequently immunolabelled for cytoskeletal markers β3-tubulin and filamen-

tous actin (f-actin) following procedures outlined in chapter 2 and 3 at the concentrations

reported in table 3.2. High-resolution immunofluroescence confocal z-stack acquisiton was

expanded to acquire 2×3 large image stitches of 1946×2868×101 (0.5×0.5 µm spacing in x-

y, 1.5 µm spacing in z) multiphoton micrographs ±75-µm centered 600 µm above the cover

glass, as before. The confocal z-stack images were acquired with a 25×/1.15 microscope

objective (Nikon Instruments, Japan) with a µm to pixel ratio of 0.5 µm per pixel.

4.2.3 Cavitation Bubble Radial Determination

The general processing procedure for acquiring the maximum bubble radius and equilibrium

bubble radius from high-speed video is outlined in Algorithm 1, consistent with previous
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work in Chapter 3. Each time series of 256 frames of 400×250 pixels from the Shimadzu

HPV-X2 high-speed camera is processed to obtain a single measure of the bubble radii at

a frequency of 1.0 MHz (1 µs/frame). Image data is processed in line with established

protocols described in detail in Chapter 3 [25].

4.3 Experimental and Analytical Limitations

It is important to note that cavitation initiation in Matrigel samples yielded a signifi-

cantly higher frequency of asymmetric, or non-spherical, bubble dynamics as compared

to Collagen-I samples. This asymmetry is likely attributable to well documented heteroge-

neous composition of the basement membrane extracellular matrix proteins that make up

Matrigel [78]. Discussion of experimental platform improvements required to negate this

effect and recover consistent axisymmetric bubble behavior while maintaining the intergrin-

ligand interaction diversity afforded by Matrigel are explored below in the ’Initial Results &

Discussion’ section. Additionally, inherent to platform instabilities of the Matrigel hydrogel

system, while pre-cavitation live-cell Calcein AM data represent high-quality analytically

process-able data, unfortunately, the post-cavitation Calcein AM data presents with a pre-

viously undocumented consistent and distinct z-dependent rigid drift artifact. The observed

z-drift is traditionally characteristic of sample movement during image acquistion. Sample

movement can be attributed through careful consideration of the experimental platform to

either sample delamination from the cover glass substrate at the base of the well or a long

timescale, O(minutes), viscoelastic material relaxation following inertial cavitation depo-

sition. Due to corrupted post-cavitation images, image processing through the analytical

algorithm described in Chapter 3 is unfeasible. In light of this, discussion of results and

findings in this section will carry the important and not to be understated stipulation that

further experimental confirmation is required before numerical, quantitative threshold val-

ues can be confidently determined, as in Chapter 3. Discussion in this section will represent

initial direction setting results indicating the validity of continued work in a Matrigel-based

or other suitable integrin diverse ECM composite, as discussed in the ’Initial Results &

Discussion’ section below.
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4.3.1 3D Image Processing

Multiphoton z-stack micrographs acquired in this section were successfully acquired with

minimal rigid drift with respect to the site of cavitation initiation, in line with previous

imaging protocols [25]. To determine qualitative primary injury radii, RPI, post-cavitation

multiphoton z-stack data are manually compared and segmented to attain a single radial

measure per sample. To mitigate information biasing of this analysis, manual segmentation

of samples were completed blinded from the high-speed videography (radius verses time) data

for each sample. Sample processing for cytoskeletal immunofluorescence data as outlined in

Algorithm 3 is tied directly to the analytically derived cavitation epicenter and a registration

workflow determined in Algorithm 2. This processing workflow was necessarily altered to

an initial manual delineation method for aligning Calcein AM and immunofluorescence data

sets. Manual cavitation epicenter segmentation was obtained and the midplane of the 150 µm

confocal z-stack used as the cavitation epicenter for each sample. Multi-channel cytoskeletal

paired samples held a single, consistent, epicenter value for all associated data sets. In

line with Algorithm 3 radial distance calculations for each manually segmented blunted

projection in 3D were computed with respect to the cavitation epicenter.

4.4 Initial Results & Discussion

To fully investigate the integrin dependence of primary mechanical injury pathology and

the critical injury thresholds of neural cells following high-rate mechanical deformations,

a 3D in vitro hydrogel model of increased integrin diversity is required. In this chapter

our recently published work examining the injury tolerance thresholds of neural cells in a

collagen-I hydrogel platform is extended into a 3D in vitro Matrigel-based hydrogel cell

culture platform. The Matrigel in vitro model consists of primary dissociated cortical neu-

ral cell isolates harvested from P0-P1 Sprague-Dawley rat pups and encapsulated in a 3D

Matrigel microenvironment consisting of reconstituted basement membrane proteins, includ-

ing Laminin and Collagen IV. Neural cellular populations are cultured for 7 days in vitro,

during which time the cells undergo neurogenesis to form healthy and randomly oriented
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Figure 4.1: Representative maximum intensity projection multiphoton micrographs of neural
cell injurys in Matrigel-based 3D in vitro Culture. Neural cells (Calcein AM; Green) are cultured
in a 3D Matrigel-based (7.5 mg/mL) hydrogel cell culture platform. Cells undergo neurogenesis over the
course of 7 days in vitro forming diverse interconnected networks.

interconnected networks as seen in Figure 4.1. Cells are deformed at high loading rates,

following previously established protocols [25], using a single spatially-focused laser-induced

inertial cavitation event. Inertial cavitation high-rate mechanical loading is characterized by

multiple exponentially decaying oscillitory regimes of bubble expansion and collapse, which

rapidly, and repeatedly deform the surrounding cells and material. Cavitation bubble dy-

namics are recorded using high-speed videography and are processed to segment the bubble

radius as a function of time, consistent with previous work [25,127].

The physical deformations induced by the inertial cavitation loading on neural cells

embedded in the Matrigel substrate are quantified following the methodology described in

detail in Chapter 3 Section 3.3. To reiterate briefly for the reader, the displacement of the

cells and extracellular material surrounding the bubble is represented through a standard

continuum mechanics representation utilizing the assumption of a spherically symmetric

deformation field [25]. As such, the final quantification of the mechanical stretch of cells at

different radial positions at the time of maximum bubble expansion is defined as,

λi ≡ λiθ,max = λθ,max(r0 = Ri) =

[
1 +

(
Ri
Rmax

)−3
−
(
R0/Rmax

Ri/Rmax

)3
]1/3

(4.1)
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Figure 4.2: Comparison of Representative Dynamics of Collagen-I and Matrigel Inertial
Microcavitation Dynamics Laser-induced inertial microcavitation events are generated through spatially-
focused laser pulses. Cavitation dynamics in Matrigel (red dots) achieve a maximum critical stretch, λθ,M =
9.8 compared with a population average of λθ,M = 8.83 over N = 6. Collagen-I (blue dots) dynamics obtain
a maximum maximum critical stretch, λθ,C = 6.3 as compared to the population average of λθ,C = 7.40 over
N = 234

where Ri corresponds to the radial position of morphologically degenerate cellular features

within each 3D image with respect to the equilibrium configuration (Figure 4.2).

Sample-to-sample comparisons of the maximum material and cellular stretches are as-

sessed as the ratio of the radius of maximum bubble expansion, Rmax, to the quasi-stable

equilibrium bubble radius, R0, with the maximum material stretch defined as the ratio be-

tween them (Figure 4.3a; black). The effects of spherically symmetric deformations by the

bubble on cellular populations can then assessed through a comparison of the pre- and post-

cavitation live-cell images, from which a radius of primary injury, RPI, is defined (Figure

4.3a; green). Initial results in the collagen-I hydrogel system (considered in detail in Chap-

ter 3) across all sampled values for Rmax show that the scaling between Rmax and R0 was

determined to be highly linear (bisquare R2 = 0.971) across a large distribution of maxi-

mum bubble radii with the median maximum bubble stretch ratio at the bubble wall given

by Λθ,C = Rmax/R0 = 7.40 Additionally, the primary injury radius-to-maximum bubble

radius ratio, aPI,C = RPI/Rmax was direct (bisquare R2 = 0.869; N = 219) with median



87

a50PI,C = 0.969.

Figure 4.3: Comparative analysis of RPI and R0 data for collagen-I and Matrigel hydrogel
systems. (a) In the collagen-I hydrogel system both the primary injury (PI, green, N = 219 experiments)
and bubble equilibrium (black, N = 234) radii for each experiment scale linearly with maximum bubble
radius, suggesting a constant and invariant critical strain value for primary mechanical injury. Matrigel
primary injury data (Magenta, N = 6) falls within ±1 standard deviation from the mean ratio of Rmax to
R0 suggesting primary injury in matrigel is consistent with primary injury in collagen-I (b) For a subset
of samples, points were manually segmented from volumes fluorescently labeled for f-actin (FA, royal blue;
n = 1003 points over N = 17 volumes) and β3-tubulin (β3, spring green; n = 390, N = 8), converted into 3D
radial measurements from the bubble center, and plotted versus the maximum bubble radius. A qualitative
comparison of matrigel processed analogously for FA (magenta, N = 3, n = 137) and β3 (magenta, N = 3,
n = 126) further show good agreement with trends from collagen-I data.

Comparatively, within the Matrigel-based hydrogel system the scaling between Rmax

and R0 was additionally determined to be linear (bisquare R2 = 0.923, N = 6) having

a median maximum bubble stretch ratio at the wall given by Λθ,M = Rmax/R0 = 8.8261.

When Λθ,M is compared to maximum stretch in collagen, the Matrigel data presents a unique

population distinct from collagen with a bisquare value of only R2 = 0.254 when considered

with respect to the expected values from median maximum stretch value of Λθ,C = 7.40.

The primary injury radius-to-maximum bubble radius ratio of Matrigel samples, aPI,M =

RPI/Rmax had a median value of a50PI,M = 0.946 (N = 6), however, a bisquare value of R2 =

−1.49 suggests that additional data, across a wider range of Rmax values, is required before

robust injury tolerance thresholds can be drawn from Matrigel independently, as previously

demonstrated with collagen-I samples. Qualitative comparisons of the relationship of RPI to
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Figure 4.4: Power Analysis for accurate distinction between Matrigel and Collagen-I RPI data
Power analysis to determine the required sample size (N = 167) to correctly reject the null hypothesis
with an 80% certainty using a students t-test when comparing Collagen-I and Matrigel populations of RPI

normalized by Rmax with a mean value of 0.969, and standard deviation of 0.172 for Collagen-I and a mean
of 1.01 for Matrigel. Null hypothesis: All data comes from the same population.

Rmax for Matrigel (Figure 4.3a; pink dots) and for collagen-I (Figure 4.3a; green dots) show

that the two populations are in general in good agreement, with all values for RPI in the

Matrigel system falling within ±1 standard deviation from the mean for all collagen-I data

(Figure4.3; grey shading). Further, power analysis (Figure 4.4) performed to determine the

sample size required for a students t-test to provide an 80% confidence in disproving the

null hypothesis that ’all data originates from the same population’ is N = 167 individual

samples. Power analysis was calculated using the mean and standard deviations from data

in Chapter 3 and represents a significant increase in sample size over currently available

data. Given the general good agreement between Matrigel and collagen-I RPI data, and the

predicted large sample size required to differentiate the populations, we can initially treat

the primary mechanical injury phenomena as a single data set of N = 225 and recompute

the stretch injury tolerance thresholds for the radius of primary injury for comparative

purposes. As previously stated, and discussed further below, additional data is required in a

more stable integrin-diverse experimental platform prior to the extension of injury threshold

tolerances more than qualitatively. The stretch injury tolerance threshold for RPI can be

computed as in Chapter 3 equation 3.8 for the 50-th percentile. Prior to inclusion of the
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Figure 4.5: Comparison of Matrigel stretch injury data to Collagen-I stretch in-
jury population (a) Cumulative probability curve for defining the stretch-based thresholds
for (or inverse tolerance of) primary injury based on Calcein AM (50%, solid; 10%, dashed;
5%, dotted). (b) Cumulative probability curve for defining the stretch-based injury thresh-
olds (or injury tolerance) for f-actin, β3-tubulin, and MAP2 (50%, solid; 10%, dashed; 5%,
dotted). Matrigel data (pink dots) show good agreement with the previously computed
thresholds from Collagen-I (solid lines) population data with the majority of matrigel injury
markers occuring at greater than the previously reported 10-th percentile injury thresholds.

Matrigel data sets the median stretch tolerance threshold for the disruption of total cellular

morphology was determined to be λPI = 1.287. Following inclusion of the Matrigel data

sets, the median remains un-changed and the standard deviation of the population shifts

minorly from σ = 0.1644 to σ = 0.1635 indicating no appreciable shift in injury tolerance

thresholds. Comparisons of the stretch injury tolerance data for matrigel (pink dots) and

collagen-I (solid lines) hydrogel models can be seen highlighted in figure 4.5. Belaying the

need to recalculate the tolerance thresholds determined in Chapter 3, and highlighted in

table 3.3.

As with the qualitative comparison for RPI performed for Matrigel and Collagen-I, a com-

parison of the spatial locations of morphologically degenerate cellular features (i.e., blunted

projections) in Matrigel data sets can be completed. Matrigel post-cavitation samples im-

munlablled for f-actin and β3-tubulin are in good general agreement with trends observed

in collagen-I data (Figure 4.3b, pink dots). Within Matrigel imunlabelled datasets, 62.1%
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of blunted β3-tubulin projections, and 94.2% of blunted f-actin projections as fell within ±1

standard deviation (σ) of the mean of collagen-I data. Due to spatial fidelity concerns asso-

ciated with the incompatibility of preliminary data with the full analysis pipelines employed

in Chapter 3, stretch and strain tolerance thresholds cannot be confidently recomputed with

the inclusion of Matrigel immunolabelled projection damage data at this time. This is due

in part to the rapid change in mechanical stretch as a function of radial distance from the

bubble wall (∼ 1/r3), as a direct implication of the deformation field relatively small shifts in

radial position represent potentially large changes to computed stretch and strain tolerance

thresholds.

Experimental and analytical issues with preliminary data presented in this chapter can

be attributed to heterogeneity within the Matrigel-based hydrogel platform. Matrigel is a

commonly employed substrate for the culture of neural cellular populations, and consists of

a mixture of reconstituted basement membrane proteins and growth factors that support

healthy cell cultures [6, 78]. According to manufacturer specifications for the composition

of Matrigel a resultant mixture consists of approximately ∼60% Laminin, 30% collagen IV,

and roughly 8% entactin (Dow Corning, Tewksbury, MA). Unfortunately, a known limita-

tion of the isolation method used to obtain Matrigel limits lot-to-lot consistency of these

components. Structurally, Collagen IV and Laminin, are interconnected in the matrigel

platform through associations with entactin, and various proteoglycans. This imparts an

unavoidable local concentration dependence on the availability of proteins in solution re-

sulting in local heterogeneity at the protein level. This local heterogeneity is evidenced by

the higher frequency of asymmetric bubble dynamics observed in preliminary experiments

(> 75%), as compared to similar fibrillar hydrogel systems like collagen-I where ∼30% of

samples behave asymmetrically. Examinations of matrix architecture of relevant concentra-

tions of collagen-I and Matrigel, performed with scanning electron microscopy indicate that

Matrigel exists as a more heterogeneous structure than 2 mg/mL collagen-I fibirillar hydro-

gels, as seen in figure 4.6 adapted from van Goeller et al., 2010 [181]. The observed Matrigel

architecture exists as a more tightly packed mesh of short interconnected fibers with more

spatially-variant density when compared to collagen-I hydrogels. As axisymmetric bubble
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Figure 4.6: Scanning electron microscopy (SEM) comparison of matrigel and
collagen-I microscale architecture (a) scanning electron micrograph of 2 mg/mL
collagen-I hydrogel fibrillar architecture. (b) scanning electron micrograph of 10 mg/mL
Matrigel microscale architecture; scale bar 1 µm. Adapted from van Goeller et al., 2010 [181]

dynamics can be attributed to non-uniform pressure differentials across the bubble wall,

and can be driven through differences local material properties or densities in the bubble

surroundings, Matrigel 3D hydrogels are a difficult candidate for continued cavitation-based

injury experimentation.

The intention of a system design utilizing the incorporation of Matrigel for 3D in vitro

cell culture of neural cells was successfully demonstrated in this initial work. By providing

the neural cell populations a more diverse extracellular protein culture substrate, cells were

demonstrated to be able to successfully deformed under high loading rates through more

complex integrin associations to the extracellular environment. Through the incorporation

of Matrigel into the experimental model, integrin interactions were extended to include

α1β1, α3β1, α6β1, α7β1, and α3β5 on laminin and collagen IV proteins [73, 131]. Cells

were additionally afforded the ability to interact with the cellular environment through

various non-integrin associations including those of the IgCAM family of extracellular space

connection proteins [57,120]. Despite this more diverse extracellular association, initial work

presented in this chapter indicates that the primary mechanical injury event does not appear

to be highly dependent on the specific extracellular associations maintained by neural cells,

though additional work is necessary to fully quantify this phenomenon.
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Future work to validate these initial findings should incorporate employ a diverse in-

tegrin microenvironment capable of providing consistent and reproducible strains to more

faithfully recapitulate the response of neural cells to high-rate mechanical loading in an

experimentally feasible mechanical platform. Improvements to the experimental design are

required to improve the feasibility of attaining larger sample sizes in an efficient manner.

These improvements should aim to mitigate the local heterogeneity of material properties

presented by the native Matrigel-based 3D in vitro hydrogel models. Potential avenues

for improvement of the experimental platform include embedding Matrigel at the desired

concentration (7.5 mg/mL) within more structurally uniform microenvironments capable of

supporting cell culture. Generating interpenetrating networks of differing extracellular com-

ponents has been shown to allow for tuneable microstructures and material properties as has

been successfully demonstrated in Alginate/Collagen-I interpenetrating networks [182]. Ad-

ditional work should then be completed to ensure that the model behaves in a reproducible

mechanical fashion under high rate loading without significant, long timescale, viscoelastic

material behavior, or plastic deformations. These improvements will allow a more integrin

diverse culture platform allow to provide consistent data acquisition aligned with existing

data processing procedures.



Chapter 5

Conclusions and Future Work

5.1 Summary

The aim of this thesis was to quantify injury tolerance metrics for the high-rate mechanical

failure, or primary cellular injury, of neural cells through integrin-based adhesion to the ex-

tracellular space. Chapter 1 provides an introduction to the rate dependency of Traumatic

Brain Injuries (TBI), and provides detailed examination of our current understanding of

the superstructural and cytoskeletal organization of the neuron. This examination aims to

inform the reader on how TBIs are experienced at the cellular scale and act as a primer on

key biological concepts necessary to fully appreciate the biomechanics of cellular injury as in

work presented in Chapter 3, as well as the importance of consideration of extracellular in-

teractions presented in Chapter 4. Chapter 2 explores the isolation of high-viability primary

neural cells from the corticies of Sprague-Dawley rat pups and presents a means of generat-

ing 3D collagen-I hydrogel-based cell culture platforms for the extended culture of primary

cortical cells in vitro [56]. Additionally, a methodology and experimental platform for the

administration of spatially-localized high strain rate mechanical deformations through the

deposition of laser-induced inertial microcavitation events is introduced [15, 25, 127]. Fi-

nally, a detailed examination of immunohistochemical techniques within the context of large

(several mm3) hydrogel constructs is described. In Chapter 3 the first ever quantitative

mechanical injury tolerance thresholds for neural cells at strain rates of O(103 − 108)1/s

93
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are presented. Specifically, 3D collagen-I in vitro cell cultures are mechanically deformed at

high loading rates using spatially-focused laser induced inertial cavitation events in order to

apply spherically symmetric deformation fields to neural cellular populations in 3D hydro-

gels. Fluorescent live- and fixed-cell imaging is performed to delineate the stretch, strain,

and stress values required to mechanically disrupt cellular projections and total cell mor-

phology. In Chapter 4, the high rate injury pathology of neural cells are examined in a cell

culture model designed to present a more diverse battery of biological connections to cellular

microenvironment as compared to work in Chapter 3. Work in this chapter qualitatively

validates the continued exploration of more diverse integrin microenvironments by extending

previously established methodologies into a Matrigel-based 3D in vitro cell culture platform.

This work will require additional experimental platform improvements to provide quanti-

tative confirmation of the experimental results presented showing good general agreement

with the thresholds and trends discussed in Chapter 3.

5.2 Recommendations for Future Work

This thesis discusses and develops the first high-rate mechanical injury tolerance thresh-

olds for total disruption of neural cellular morphology and the disruption of neural cellular

projections containing filamentous actin, β3-tubulin, and microtubule associated protein-2.

Many avenues of continued exploration are available and necessary to translate these results

from the innate limitations of in vitro systems to more physiologically relevant experimental

platforms and to inform modeling efforts aimed at mitigating Traumatic Brain Injuries.

The thresholds dileneated in this thesis are limited to the purely mechanical injury of

neural cellular populations and the disruption of neural cellular projections in a 3D in vitro

collagen-I based cell culture model. One limitation of the cell culture platform utilized

in this work is dependence of cellular connection to the microenviroment being limited

to two integrin subtypes. An extension of this technique could include a more integrin-

diverse culture platforms (as with Matrigel in Chapter 4), or additionally high-cell density

culture platforms where cadherin-based interactions to the extracellular space are prevalent.
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This extension of the technique is necessary to ensure that the assumption that the injury

tolerance thresholds are not dependent on the specific extracellular connection but instead

the mechanical deformations themselves remains valid.

An additional limitation of the work presented in this thesis is that thresholds presented

are a result of purely mechanical degradation of the cells. The secondary, or time-based,

biochemical activation of cell death and degradation pathways are not conducted here. An

important and experimentally demanding extension of this work is the inclusion of secondary

injury pathway examination following mechanical loading. It remains unknown whether cells

distal to the cavitation epicenter which experience loading below the thresholds required for

cellular injury experience a biochemically-dependent injury pathology such as those seen in

lower rate injury models using this culture platform [4, 26]. An experimentally straightfor-

ward approach to beginning this work would straightforwardly examine downstream activa-

tion of cell-death, and DNA damage pathway markers such as executioner caspases 3 & 7,

as well as proteins upregulated in response to DNA damage such as protein p53.

Further, at present the specific pathway activation that results in the downstream acti-

vation of cellular death pathways in neural cells following mechanical deformations remains

unknown [120]. As mechanotransduction is biologically diverse and dependent on both the

type and magnitude of mechanical force applied to the cell this experimental platform pro-

vides an excellent platform for the evaluation of biochemical injury. This injury platform

provides a mechanically feasible way to examine injury-specific pathway biology dependent

on mechanotransduction. Cells in this platform ∼2 times the maximum bubble radius away

from the epicenter of the cavitation event remain physically undeformed and morpholog-

ically in-tact. This allows for the examination of an in-sample mechanical injury control

with which to examine the activation of purely chemically-induced biochemical pathway

activation. Such examinations could include, chemically-induced kinase activity, astroglial

activation and recruitment, among others.

The cavitation injury platform is solely dependent on optical transparency to deliver the

spatially-focused laser energy required to nucleate cavitation and to facilitate the acquisition

of high speed videography. In this way, a wide variety of culture platforms are compatible
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with the deformation of cells in this way. By modifying the type of extracellular material, and

subsequently the type of extracellular connection the cells maintain, mechanotransduction

pathway activation through specific focal adhesions can be examined. These examinations,

however, do require that the extracellular material is capable of allowing for the completion

of neurogenesis and allows for sufficient nutrient diffusion from culture media as to maintain

cellular viability throughout the culture period.
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